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ABSTRACT 
Nanofabrication techniques produce materials with enhanced physicochemical 
properties through a combination of nanoscale roughness and the use of chemically 
diverse polymers which enable advanced applications in separation science (air/water 
purification), tissue engineering, and biosensing. Since the late 1990’s, electrospinning 
has been extensively studied and utilized to produce nano- to microfiber meshes with 3D 
porosity on the gram scale. By combining a high surface area to volume ratio and tunable 
surface chemistry, electrospinning is a facile platform for generating non-woven 
polymeric fibers for many biomedical and industrial applications. This thesis describes 
three applications of electrospun nano- and microfiber meshes spun from both 
commercially available and novel polymer systems for: 1) oil and water separation after 
an accidental oil spill; 2) ultraviolet light controlled protein and cell patterning 
throughout 3-dimensional nanofiber meshes; and 3) novel diagnostic platform by 
combining electrospun nanofiber meshes with solid state nanopores for enhanced single 
molecule nucleic acid and protein detection.  
  x 
Each application embodies the philosophy that electrospun materials have the 
potential to solve a wide variety of problems by simply tuning the physicochemical 
properties and mesh morphologies towards the design requirements for a specific 
problem. For example, to solve the problem of recovering crude oil after an oil spill while 
generating a minimal waste burden, a hydrophobic and biodegradable microfiber mesh 
was designed to repeatedly separate oil and water and naturally biodegrade after use.  In 
order to solve the problem of spatiotemporal placement of cells within a 3-dimensional 
tissue engineering construct, an ultraviolet light activated mesh was designed to transition 
from hydrophobic (water impermeable) to hydrophilic (water permeable) upon exposure 
to ultraviolet light facilitating protein and cell patterning. Finally to address two problems 
with single molecule solid state nanopore biosensors, namely rapid nucleic acid 
translocation rates and limited protein identification capabilities, a new biosensor 
platform was developed based on two novel polymeric systems which were synthesized 
and electrospun into high surface area nanofiber mesh coatings. 
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1. Electrospun Nanofiber Meshes: Tunable Design and Application 
1.1 Introduction 
 Soft materials with nanometer to micrometer scale features are becoming 
increasingly important for biomedical applications such as tissue engineering, wound 
repair, and biosensing. In general, these features include nano- to micro-scale fibers, 
particles, or textures which have high surface area to volume ratios, controlled 
morphologies on the nanometer to micrometer scale, and tunable physicochemical 
properties through the use of a diverse library of polymeric systems and chemical 
modifications. While many techniques can create materials on this scale, a technique 
known as electrospinning allows for the simple production of 3-dimensional nanofiber 
meshes composed of a large variety of polymeric systems. This method has been 
extensively developed over the past 25 years to create relatively large 3-dimensional 
meshes (e.g., 10 cm x 10 cm x 500µm) composed of nonwoven nanometer to micrometer 
scale polymeric fibers with controllable morphology (fiber diameter, roughness, and 
porosity). This chapter provides an overview of: 1) the electrospinning process; 2) the 
parameters used to control the mesh morphology (fiber diameter, roughness, and 
porosity) and physicochemical (hydrophobicity, reactivity, and response to stimuli) 
properties of previously developed electrospun meshes; and 3) the synergy between the 
morphology and physicochemical properties of electrospun meshes enabling diverse 
applications ranging from water purification to tissue engineering scaffolds.  
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1.2 Electrospinning Method 
Electrospinning is the process by which electrostatic repulsion between surface 
charges and the Coulombic force exerted by an electric field are used to overcome the 
surface tension of a viscous solution producing a jet of liquid which is drawn towards a 
grounded collecting surface while being rapidly elongated, thinned, and dried producing 
solid, nanometer to micrometer scale fibers.
1-2
 While the physics of this process is 
complex, the apparatus necessary to electrospin a polymer solution is fairly simple. A 
syringe pump is used to flow a viscous polymer solution through a metal needle 
(spinneret), which is charged with a high potential (5–20 kV) and grounded to a 
collecting surface (Figure 1.1).
1, 3
 The electrospinning process has several steps: 1) the 
formation of a liquid droplet; 2) the charging of the droplet with a voltage potential; 3) 
the formation of a stable liquid jet at the Taylor cone (Figure 1.2); 4) the elongation into 
an unstable jet due to bending instabilities; 5) the further elongation into progressively 
smaller fiber diameters; 6) the rapid evaporation of solvent producing a solid fiber; and 7) 
the collection of dried fibers onto a grounded collecting surface.
4-9
  
In order to minimize the surface area per unit mass, liquid droplets will conform 
to a spherical shape due to the internal pressure generated by the cohesive forces between 
the molecules in the liquid. It has been known since the late 1700’s that highly charged 
liquids can aerosolize into tiny spherical droplets due to the electrostatic repulsion formed 
at the surface of the original macroscopic droplet.
1, 10-11
 This electrospraying process was 
first photographed and described by Zeleny in 1917.
12
 Bailey and Cloupeau et al. 
reported that this process often occurs after the formation of a liquid jet from the side of 
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the droplet adjacent to the electrified capillary.
13-14
 As a result of excess charges that 
build up on a liquid droplet surface, positively charged ions are repelled away from the 
positive electrode towards the grounded surface. This leads to the formation of a cone 
terminated by a stable jet known as a Taylor cone (Figure 1.2).
15
 When being drawn 
from a viscous polymer solution with either highly entangled polymer chains or strongly 
interacting small molecules, this jet does not break up into spherical particles, as in the 
electrospraying process, but rather remains as a single jet.
1, 16-17
 This stable jet travels in a 
straight line for a short distance before bending instabilities cause the jet to travel along a 
3-dimensional (3D) spiral with ever increasing diameter.
5
 Further bending instabilities 
occur along the jet resulting in spirals within spirals as the jet continues to elongate and 
thin down to the nanoscale through a “whipping” process. After several cycles of bending 
instability, the jet rapidly dries resulting in a nano- or micro-scale solid fiber which has 
elongated to approximately 1,000 to 10,000 times its original length at the Taylor cone 
(Figure 1.3).
4
 The fiber is deposited onto a grounded collecting surface and stacked in a 
random pattern to produce a 3-dimensional nonwoven mesh (Figure 1.4).  
Other forms of instability can occur during the electrospinning process including 
branching and beading which lead to defects in a uniform randomly oriented mesh. When 
a higher than normal charge density is present on a segment of a polymer jet, a 
perpendicular offshoot of the original jet can form which is known as a branch.
4, 18
 An 
example of branching instabilities are shown in Figure 1.5.
18
 Branching often occurs 
when solutions are too concentrated or too viscous and therefore does not often occur 
when trying to produce electrospun nanofibers where lower concentrations and lower 
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viscosity polymer solutions are used.
4-5
 Conversely, bead defects tend to occur when 
creating nanofibers since solutions with low viscosities and/or conductivities are used. 
Bead instabilities occur along an elongating fiber when the local surface charge dissipates 
allowing capillary instabilities to contract the jet back into a spherical bead. The 
frequency of bead formation and the spacing between beads along a solid fiber, known as 
bead-on-a-string morphology, varies depending on the extent of charge dissipation.
4, 19
 
With the addition of counter ions via a corona discharge, Fong et al. artificially induced 
regions of lower than normal surface charge along a polyethylene oxide in water polymer 
jet resulting in increased bead frequency as the neutralizing charge increased (Figure 
1.6).
19
 Several strategies to control fiber morphology and minimize unwanted defects are 
discussed in section 1.3.  
1.3 Electrospinning Parameters  
 There are several electrospinning parameters used to control the fiber diameter, 
roughness, and shape. These include solution parameters (polymer molecular weight, 
concentration, solution surface tension, conductivity, and solvent system), spinning 
parameters (voltage, flow rate, and distance from needle tip to collector), and 
environmental parameters (temperature and humidity) (Figure 1.7).
2, 20
  
1.3.1 Solution Parameters 
 With the exception of a limited set of low molecular weight systems with a high 
degree of intermolecular forces, the viscosity of an electrospinning solution is largely 
dictated by the molecular weight, concentration, and inter-molecular interactions in a 
polymer solution.
16, 20-21
 Higher molecular weight polymers will experience a larger 
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degree of polymer chain entanglement which increases the viscosity of the solution at a 
given concentration.
22-23
 In general, higher viscosity solutions result in larger fiber 
diameters since the higher degree of chain entanglements stabilizes the jet conformation 
over the bead conformation.
21
 Therefore, increasing the molecular weight or 
concentration of the polymer results in larger diameter fibers.
20
 Often when trying to 
achieve fiber diameters in the range of 50–500 nm, lower polymer concentrations are 
used; however, there is a minimum concentration required for the electrospinning process 
to occur and it is equal to the chain entanglement concentration.
23-24
 This critical 
concentration is defined as the concentration at which there is significant polymer chain 
overlap which acts to constrain the motion of a solution due to entanglement coupling.
25-
26
  In addition, there is a range of concentrations that often produce bead instabilities, as 
previously described, which transitions from spherical to spindle-like to uniform fibers as 
the concentration and subsequent viscosity increases to a critical point producing only 
uniform fibers.
20, 22-24, 27
 Conversely, solutions with very high viscosities are unable to be 
spun into fibers as the solution is prevented from flowing properly from the Taylor 
cone.
24
  
 Similar to the polymer concentration, the molecular weight of a polymer is used 
to control the fiber diameters of the resulting electrospun meshes. Often higher molecular 
weight polymers are used for electrospinning since lower molecular weight systems 
either electrospray into fine spherical particles or are only able to produce beaded 
nanofibers due to the limited chain entanglement in the solution.
21
 The range of 
molecular weights that electrospin into uniform fibers is unique to each polymer. 
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Polymers with either a high degree of intermolecular forces or ridged backbones, both of 
which increase the hydrodynamic radius of the macromolecule, will experience a higher 
degree of chain entanglement and subsequently higher viscosities at lower molecular 
weights.
21, 28
 Therefore, a polymer such as polyethylene with a flexible polymer 
backbone and limited intermolecular interactions will require high molecular weights (6 x 
10
6
 g mol
-1
) to achieve the viscosities necessary for electrospinning.
29
 While polymers 
such as nylon-6 with a high degree of intermolecular hydrogen bonding or poly(ethylene 
terephthalate) with a rigid polymer backbone and π- π stacking interactions are 
electrospun at lower molecular weights, 60 x 10
3
 g mol
-1
 and 14 x 10
3
 g mol
-1
, 
respectively.
30-32
 Each of the molecular weight ranges will shift depending on the solution 
concentration; however, as long as the minimum number of chain entanglements are 
reached in the solution to achieve entanglement coupling with a sufficient 
disentanglement time (Td), which increases approximately as Td~𝑀𝑊
3.4, a polymer jet will 
form in response to a high voltage potential.
21, 33
 In general, viscosities ranging from 1 to 
215 poise are reported and the ideal viscosity for a particular electrospinning solution 
depends on the balance between surface tension and the ability of the solution to form a 
jet.
20
 
 The second set of solution parameters, namely surface tension and conductivity, 
depend strongly on the solvent system selected in addition to any additives such as salts. 
Appropriate solvents or solvent mixtures for electrospinning must be able to dissolve the 
polymer, be volatile enough to evaporate during the spinning process, and have an 
appropriate surface tension to allow the applied voltage to form a Taylor cone.
20
 The 
  
7 
surface tension of the chosen solvent system will dictate the magnitude of charge 
necessary to form a solution jet as higher voltages are necessary to overcome higher 
surface tensions.
11
 Solvents with high surface tensions inhibit the electrospinning process 
and even after a sufficient charge has been reached, a high surface tension can result in 
more bead instabilities.
5, 34
 Therefore, it is often advantageous to pick solvents or solvent 
mixtures with lower surface tensions to reduce the necessary voltage to form a jet and 
reduce the number of beads on the fibers.
22
 Solutions with extremely low surface tensions 
may not be appropriate for electrospinning either; so regardless of which system is used, 
the optimal spinning parameters (Section 1.2.2) will have to be determined for a given 
system to produce electrospun fibers.
35-36
  
 In addition to surface tension, the conductivity of the solvent system is important 
for producing a stable Taylor cone and uniform fibers. The conductivity is influenced by 
the dissolved polymer, the ions in the solution, and the solvents in the mixture each of 
which contribute to the ability of the charged species in the solution to migrate towards 
the oppositely charged electrode.
20
 As the conductivity increases, smaller fibers with 
fewer beads are produced as the electrostatic repulsion due to the charged species is able 
to overcome the surface tension of the solution at lower voltages.
19, 37
 Often, more 
uniform, bead-less fibers are produced when the solution conductivity is increased by 
including salts in the electrospinning solution.
19, 36, 38
  
1.3.2 Spinning Parameters   
 A large range of fiber and mesh properties are possible by tuning multiple 
electrospinning parameters either simultaneously or individually for a given polymer 
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solution. These parameters include the applied voltage, the flow rate, the needle gauge, 
and the distance from the needle tip to the collector.
2, 20
 The interplay between each of 
these spinning parameters and the previously described solution parameters are complex; 
however, many general trends are observed. For example, the ideal voltage for a given 
solution is influenced by the viscosity and surface tension of the solution as well as the 
flow rate and distance to the collector and generally ranges from 5 to 20 kV. There are 
conflicting view points in the literature on the general effects of increasing the 
electrospinning voltage. Several groups report that an increase in voltage causes larger 
fiber diameters due to an increase in the amount of ejected polymer
36, 39-40
; while other 
groups state the opposite.
20, 41
 More recently, the consensus supports the theory that a 
larger voltage creates a larger repulsive force causing the fiber to shrink and evaporate 
more rapidly producing smaller fibers with potentially more beads.
24, 42-45
 Due to these 
potentially confounding results, it is often appropriate to tune the solution parameters and 
other spinning parameters first and then find the appropriate voltage for a given set of 
conditions that produces the most stable Taylor cone.
22
   
 Similar to the ideal applied voltage, there is a large range of flow rates that are 
compatible with the electrospinning process ranging from 100’s of microliters per hour to 
several mL per hour depending on the polymer solution properties and the desired fiber 
morphologies. A higher flow rate will increase the material transfer rate and result in an 
increase fiber diameter and fiber pore diameter as the solvent evaporation time is 
increased.
46
 Due to increased evaporation times, higher flow rates can lead to bead 
formation since more time is allowed for the capillary instability to contract the jet into a 
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spherical bead shape.
42, 47
 Closely linked to the flow rate, the chosen needle gauge will 
affect the geometry of the droplet formed. In general, reduced needle gauge can result in 
a smaller initial jet at the Taylor cone which translates into smaller fibers being formed.
47-
48
 The rate at which liquid flows through a smaller needle also has an effect; however, in 
general one usually focuses on optimizing the flow rate and using a needle gauge that 
does not restrict the continuous flow of the viscous electrospinning solution.
24
  
 For a given flow rate and voltage, there is an ideal distance from the needle tip to 
the collector to allow for sufficient fiber elongation and thinning as well as solvent 
evaporation. When the distance is too short, the fibers hit the collector wet, producing 
morphologies ranging from a smooth polymer film to fused fibers which attach at the wet 
crossover points.
20
 As the distance is increased towards the ideal distance, bead 
instabilities are often observed. At the ideal distance for a given set of parameters, there 
are a minimal number of beads; however as the distance is increased further, more 
beading is often observed.
43, 49-50
  
1.3.3 Environmental Parameters 
 While the effects of environmental parameters such as temperature and humidity 
significantly affect the resulting fiber morphologies, these parameters are not always 
controlled. Increasing the temperature in the electrospinning chamber can result in a 
decrease in fiber diameter. This effect is linked to the decrease in solution viscosity with 
increasing temperature as described by Mit-Uppatham et al.
51
 Depending on the solvent 
system used, changes to the humidity have different effects. When electrospinning with 
water as the solvent, increasing the humidity of the chamber results in slower evaporation 
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times, more beading, and wet fibers for a given set of solution and spinning parameters. 
In addition, increasing the humidity of the chamber results in larger, more frequent pores 
on the fiber surface which are caused by phase separation as well as breath figures 
(Casper et. al.).
52
 Breath figures result from the condensation of water droplets along the 
fiber jet due to evaporative cooling that occurs as the fiber rapidly dries. The water 
droplet imprints can cause porous or textured fibers (Figure 1.8).  As the polymer jet 
cools due to evaporation, phase separation of the polymer from the solvent can induce 
porous features on the fiber surface. In addition, some groups have suggested that a 
higher humidity can result in more rapid ionic discharge possibly leading to more beads 
along the fiber.
2, 20
  
 By modifying the solution, spinning, and environmental parameters for a given 
polymer system, a large library of electrospun meshes with different fiber diameter, 
roughness, and morphology are possible. The subsequent chapters of this dissertation will 
explore a variety of polymer systems using these parameters to control the electrospun 
mesh morphologies.   
1.4 Versatile Electrospun Materials 
 Many types of polymers and composites will form fibers as long as there is 
sufficient chain entanglement and electrostatic charge repulsion to drive the formation of 
a stable polymer jet.
2, 20
 While the morphology of the resulting meshes are tuned via the 
parameters described in section 1.3, the physicochemical properties (glass transition 
temperature (Tg), hydrophobicity, bioactivity, chemical reactivity, etc.) of the resulting 
electrospun meshes are largely dictated by the chemical composition of the polymers 
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used to prepare the electrospun meshes.  
To date, several hundred synthetic polymers have been electrospun into meshes 
for a wide variety of applications.
2, 20, 53
 The chemical makeup of the polymer backbone 
and side chains influence the surface energy, reactivity, and stimuli responsive properties 
of a given polymeric material. For the purposes of this discussion, examples relating to 
polymer hydrophobicity, reactivity (prior to or after electrospinning), and stimuli 
responsive properties are discussed to give context to the electrospinning applications 
presented in Chapters 2–6.  
1.4.1 Polymer Hydrophobicity   
By measuring the water contact angle of a smooth polymer surface, the Young 
equation: 𝛾𝑆𝐺 =  𝛾𝑆𝐿 +  𝛾𝐿𝐺 cos 𝜃   (Figure 1.9) is used to calculate the surface energy 
𝛾𝑆𝐺  of a given polymer surface and, in general, materials with contact angles >90° are 
classified as hydrophobic and <90° are classified as hydrophilic. The nanometer and 
micrometer scale roughness of electrospun meshes enhance these water contact angles; 
however, the focus of this section is on the inherent hydrophobicity of the polymer. 
Section 1.5 will explore the synergy between the physicochemical properties and 
electrospun mesh morphologies.   
For practical purposes, applications requiring a high degree of water contact with 
the bulk mesh such as wound dressings and short term tissue engineering scaffolds are 
often made from hydrophilic polymers such as poly(vinyl alcohol) (PVA), poly(ethylene-
co-vinyl alcohol) (PEVA), or poly(ethylene glycol) (PEG) where a balance between 
hydrophilicity and water solubility is key to maintaining fiber morphology in the 
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presence of water.
20
 For example, Puppi et al. developed a hydrophilic PVA electrospun 
mesh for tissue regeneration by utilizing PVAs biocompatibility and mechanical integrity 
to store and release a water soluble bioactive agent over a short period of time.
54
 
Similarly, Jia et al. created a PVA nanofiber mesh loaded with silver zirconium 
phosphate nanoparticles for an antimicrobial wound dressing application.
40
 To address 
water solubility concerns, Kenawy et al. created a hydrophilic but water insoluble 
copolymer of poly(ethylene) and poly(vinyl alcohol) called PEVA which was electrospun 
into nanofiber meshes for use in tissue engineering, would healing, and drug delivery 
applications.
55-58
 
Applications requiring either long-term fiber stability in aqueous environments or 
non-wetting materials are typically made from more hydrophobic and less water soluble 
polymers. Some common examples include, poly(lactic acid) (PLA), poly(caprolactone) 
(PCL), poly(styrene), polyacrylonitrile (PAN) and polymers functionalized with long 
hydrocarbon or fluorocarbon side chains.
20, 59-64
 It should be noted that while these 
materials are inherently hydrophobic, exposure to solutions containing amphiphilic 
molecules such as surfactants or proteins, for example, results in eventual wetting due to 
the nonspecific adsorption of these amphiphiles onto the fiber surface.
65
  Kim et al. 
developed a biodegradable poly(lactic-co-glycolic) PLGA electrospun mesh to locally 
delivery a hydrophilic antibiotic (Mefoxin) post-surgery to prevent adhesions and 
infections.
66
 The lactide component of the PLGA copolymer increases the material’s 
overall hydrophobicity resulting in a slower degrading system compared to a 
homopolymer of PGA.
67
 Since PCL is more hydrophobic than PLGA and biodegrades 
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more slowly, it is often used as a bone tissue engineering scaffold where scaffold 
integrity for several months is required.
60, 68
 Araujo et al. developed a PCL nanofiber 
mesh coated with a biomimetic calcium phosphate layer to promote the proliferation of 
bone forming cells (osteoblasts) within the artificial extracellular matrix without 
compromising the mesh porosity.
69
 A good example of when selecting polymers based on 
their inherent hydrophobicity is key is illustrated by electrospun meshes used to separate 
oil and water mixtures.
70-71
 These porous oil sorbents are made from hydrophobic 
materials, which repel water while absorbing oil. For example, Lin et al. utilized the 
hydrophobicity of polystyrene to create highly porous electrospun meshes that absorbed 
~100 grams of oil per gram of mesh, which compared to the poly(propylene) non-
electrospun mats, is a 10x improvement in oil retrieval capacity for a single use.
71-72
  
As these examples emphasis, no matter which application is being targeted, the 
correct polymer system must be chosen to meet the design requirements of the final 
nanofiber mesh. A more detailed discussion of applications of hydrophobic polymers are 
found in Chapters 2 through 4.  
1.4.2 Polymer Modifications 
By adding certain moieties either along the polymer backbone (e.g., double 
bonds) or at the terminal ends of repeating side chains (e.g., alcohols, thiols, carboxylic 
acids, and amines), the chemical properties of a reactive polymer are adjustable. 
Depending on the application, reactive polymers are either functionalized before or after 
being electrospun into nanofiber meshes. For example, to stabilize electrospun 
polybutadiene fibers which would otherwise fuse together, Thielke et al. used thiol-ene 
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click chemistry to crosslink the polymer chains immediately after being spun into fibers 
to create a stable electrospun mesh.
73
 This modification coupled the alkenes along the 
polymer backbone with a thiol containing crosslinker in the presence of a photoinitiator 
and UV light.
74-75
 Using this type of modification, a variety of side chain moieties could 
be covalently linked to the polymer backbone.  
Alternatively, polymers with primary amines or carboxylic acids are often 
coupled through amide bonds to a variety of side chain moieties.
76
 Activated carboxylic 
acid moieties such as n-hydroxysuccinimide esters (NHS-esters) or pentafluorophenyl 
esters (PFP-esters) are reactive towards primary amines under mild pH conditions (pH 7–
8) forming stable amide linkages.
77
 As such, amide linkages are one of the primary ways 
to conjugate bioactive molecules covalently to a synthetic polymer backbone by taking 
advantage of the naturally occurring free amines in polypeptides. A copolymer blend of 
PLGA and PLGA-b-PEG-NH2 was electrospun by Kim et al. to immobilize both a cell 
adhesive peptide (Arg-Gly-Asp (RGD)) and a model enzyme (lysozyme) onto the 
resulting nanofiber mesh surfaces. An ethylene glycol bis(succinimidylsuccinate) 
crosslinker was used to couple the terminal polymer primary amine with the primary 
amines in the RGD peptide or expressed on the surface of lysozyme. In both examples, 
the bioactivity of the conjugated biomolecules improves compared to the bioactivity 
when conjugated to a flat surface.
78-79
  An alternative approach is to include reactivity at 
the monomer level to help facilitate a high degree of post polymerization 
functionalization of highly reactive side chains. Gentsch et al. electrospun a mixture of 
poly(pentafluorophenyl methacrylate) (PPfpMA)
80
 and PCL to create electrospun 
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nanofibers that readily reacted with primary amines (Figure 1.10). These fibers 
successfully reacted with both amine functionalized mannose and galactose resulting in 
the activation of cytokine production of macrophages in a model cell assay.
81
   The 
synergy between the physicochemical properties and mesh morphology of these bioactive 
surfaces is discussed further in section 1.5.   
In addition to the common amide linkages, alternative conjugation chemistries 
such as maleimide-thiol conjugation and the use of biotin-streptavidin bridges are used to 
functionalize synthetic polymers. An example of the benefits of post-electrospinning 
modifications is reported by Monteiro et al. while developing an electrospun chitosan 
based wound dressing. Sterically stabilized liposomes partially composed of a 1,2-
distearoyl-sn-glycero-3-phosphoethanolamine PEG-Maleimide (DSPE-PEG-Mal) lipid 
was conjugate to thiol functionalized chitosan electrospun nanofibers via a maleimide-
thiol coupling reaction (Figure 1.11). The wound dressing was loaded with sensitive 
antibiotics which would otherwise have degraded during the electrospinning process.
82
 
Another common application for maleimide-thiol reactions is in protein modifications 
since under mild reducing condition the disulfide bridges formed between two cysteine 
residues are reduced into two thiols capable of binding maleimide functionalized 
compounds.
83-85
 For example, a block copolymer of poly(D,L-lactide) and thiol reactive 
PEG was electrospun by Losel et al. to produce microfiber meshes with reactivity 
towards the free thiols in cysteine containing moieties.
86
 The utility of this thiol-
maleimide reaction for bioconjugation to a nanofiber mesh is discussed further in Chapter 
6.  
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While covalent modifications are often preferred to less specific non-covalent 
interactions, the large binding affinity of up to 4 biotins per streptavidin or avidin protein 
(Kd = 10
-14
 to 10
-15
 M)
87-88
 serves as a selective non-covalent crosslinker for biotinylated 
molecules.
53, 89
 As such, several groups developed polymeric electrospun meshes with 
either the ability to covalently bind streptavidin (or avidin) or to biotin to take advantage 
of this simple molecular bridge. For example Senecal et al. covalently coupled avidin to a 
prefabricated polyamine and polyurethane copolymer electrospun mesh as well as a 
carboxylated polyvinyl chloride electrospun mesh to detect SEB toxins using a modified 
sandwich ELISA detecting down to ~1ng/mL (~35 pM) through a post-electrospinning 
modification.
90
  Lu et al. covalently coupled biotin to the polymer backbone at the 
monomer level through a biotin modified lysine monomer in a PEG-PLA-PLL copolymer 
prior to electrospinning to create covalently bound biotinylated meshes for protein 
immobilization applications. These meshes possessed a high streptavidin binding 
capacity and could subsequently immobilize ~500 μg of biotinylated antibody and ~250 
μg of antigen per gram of mesh.91 Based on these past successes, a novel copolymer 
library of covalently bound biotinylated polymers are discussed in Chapter 5.    
 Polymers with intelligently designed reactive sites enable the conjugation of a 
wide variety of synthetic and biologic moieties, often under relatively mild conditions. 
The subsequent chapters of this dissertation utilize many of these methodologies to create 
functional nanofiber meshes for a wide variety of applications.  
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1.4.3 Stimuli Responsive Polymers 
Instead of functionalizing a polymer before or after electrospinning to change the 
chemical properties of a mesh, stimuli responsive polymers can undergo transitions in 
conformation, solubility, hydrophobicity, and/or composition in response to a particular 
stimulus (light, heat, pH, etc.).
92
 A classic example of a thermo-responsive polymer is 
poly(N-isopropylacrylamide) (PNIPAAm) which undergoes a transition at its lower 
critical solution temperature (LCST) due to the exclusion of water from the polymer 
chains above this temperature resulting in a water insoluble polymer. Therefore, at lower 
temperatures the material is more hydrophilic and water soluble as water molecules form 
hydrogen bonds with the polymer chain and at temperatures above the LCST the material 
is more hydrophobic as water is excluded in favor of intramolecular hydrogen bonding 
between the carbonyl and amine moieties along the polymer chain.
93-94
 A thermo- and 
pH-responsive nanofiber mesh drug delivery system was developed by Lin et al. by 
blending the copolymer poly(N-isopropylacrylamide-co-acrylic acid) (P(NIPAAm-co-
AAc)) and a hydrophobic polyurethane (PU) to release a water insoluble drug called 
nifedipine as the P(NIPAAm-co-AAc) either rapidly or slowly dissolves depending on if 
it is at a temperature below or above the LCST, respectively. The LCST for this system 
was tuned between 32 °C and 38 °C depending on the monomer ratio of NIPAAm and 
AAc where more AAc increased the LSCT, especially at lower pH values, as the 
carboxylic acid (pKa 4.5) of the PAA hydrogen bonds with the amide of the PNIPAAm. 
At body temperature (37 °C) and pH (7.4), these nanofibers slowly released a water 
insoluble drug over 700 minutes without the initial burst release observed at lower 
  
18 
temperatures caused by the rapid dissolution of the P(NIPAAm-co-AAc) polymer.
95
 To 
prevent the PNIPAAm from dissolving below the LCST, crosslinked PNIPAAm 
nanofibers were created by Wang et al. which still maintained the hydrophilic to 
hydrophobic transition at the LCST. These nanofiber meshes exhibited robust swelling 
and de-swelling properties over 50 cycles of heating and cooling.
96
 Through careful 
selection and synthesis of novel copolymers, these types of stimuli responsive drug 
delivery systems highlight the advantages of choosing multi-functional polymer systems 
for electrospinning applications.  
 Many applications require localized control over electrospun mesh modifications 
where only isolated regions of a mesh are altered. A high degree of spatiotemporal 
control is achieved when using ultraviolet light as a stimulus to induce local changes in 
the polymer material properties when used in combination with a photomask. Two main 
categories of light activated systems which undergo changes in bulk hydrophobicity are 
discussed: 1) reversible modifications and 2) irreversible modifications.
97
 Surfaces 
displaying reversible changes in hydrophobicity upon exposure to UV light rely on 
strategies such as inducing the cis-to-trans transition in azobenzene derivatives
98-99
 or 
creating photogenerated electrons or holes in titanium oxide or zinc oxide materials.
100-101
 
While many examples of azobenzene derivatives exist for non-electrospun materials, few 
light activated nanofiber mesh systems are reported. Chen et al. first reported the use of 
an azobenezene functionalized poly(ɛ-caprolactone) (PCL-azo) in an electrospun 
nanofiber mesh. In its less energetic trans form, the PCL-azo is hydrophobic resulting in a 
water contact angle of ~132°. When exposed to UV light (365 nm) for 60 minutes ( at 15 
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mW cm
-2
), the contact angle dropped to ~53° as the more hydrophilic cis conformation 
was induced. Visible light reverses this process in as little as 15 minutes, restoring the 
original hydrophobic contact angle. Up to four cycles of UV and visible light exposure 
were performed without any significant change in the associated water contact angles.  
Irreversible light induced hydrophobicity changes typically rely on photolabile 
protecting groups which cleave in the presence of light, exposing more hydrophilic 
moieties.
102
 A common and extensively studied family of photolabile protecting groups 
are the ortho-nitrobenzyl derivatives, where upon excitation at long wavelength UV light 
(~365 nm), the groups are cleaved, exposing a hydrophilic carboxylic acid or amine 
moiety (Figure 1.12).
103-106
 While there are many examples of ortho-nitrobenzyl 
derivatives in films and hydrogels, there are limited examples of their use in the 
preparation of UV responsive electrospun meshes. 
102, 107-109
 Zhao et al. synthesized a 
poly(pentafluorophenyl (methyl) acrylate)-block-poly(ethylene oxide) (PPFP(M)A-hv-
PEO) with ortho-nitrobenzyl ester photocleavable junctions. This polymer phase 
separated when cast or electrospun resulting in segments of the polymer film or 
electrospun mesh that consisted of only PEO and segments of only PPFP(M)A. When 
exposed to 365 nm UV light, the PEO segments were cleaved from the PPFP(M)A and 
became soluble in methanol/water mixtures. The removal of PEG resulted in the 
formation of nanopores (~35 nm in diameter), which increased the surface roughness of 
the fibers and films. The remaining polymer was then reacted under mild conditions with 
amine-functionalized moieties using the activated PFP-esters along the PPFP(M)A 
polymer backbone.
110
 In another example, Nada et al. improved the solubility of chitosan, 
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a hydrophilic polysaccharide, in common organic solvents used during electrospinning, 
by synthesized a more hydrophobic 2-nitrobenzyl functionalized chitosan. The 
nitrobenzyl group protected the amine functionality on the chitosan molecule and made 
the polymer more soluble in trifluoroacetic acid. After being electrospun, the 2-
nitrobenzyl group was cleaved using UV light (365 nm) leaving intact chitosan 
nanofibers for wound healing applications.
111
    
The inclusion of stimuli responsive elements into electrospun polymer meshes 
enables on-demand control over a wide variety of chemical properties. Chapters 3 and 6 
consider the use of stimuli responsive systems to facilitate on-demand hydrophobic to 
hydrophilic transitions as well as facilitate a next generation biosensing platform, 
respectively.             
1.5 Interplay between Physicochemical Properties  
and Electrospun Mesh Morphologies 
 The main physical advantages of electrospun meshes include high surface area to 
volume ratios, controlled porosity and pore size, and tunable 3-dimensional geometry 
which are governed by the solution properties, spinning parameters, and environmental 
conditions; while, the main chemical advantages of tunable hydrophobicity, bioactivity, 
reactivity, and stimuli responsive characteristics are governed by the dissolved polymers 
within the electrospinning solution.  The synergy between these two categories has been 
demonstrated through several examples including the creation of 3-dimensional materials 
with enhanced hydrophobicity or hydrophilicity and the development of advanced protein 
immobilization strategies for purification and biosensing applications utilizing the high 
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surface area to volume ratios of the meshes. 
1.5.1 Special Wettability 
In order to understand the implications of creating a nano- or micro-roughened 
surface from hydrophobic or hydrophilic materials on the wettability of an electrospun 
mesh, a brief overview of the Cassie-Baxter and Wenzel wetting models is necessary. 
The effect of surface roughness on water contact angles was first explored by Wenzel 
who observed that a rough high surface energy (i.e., hydrophilic materials) surface had a 
larger surface area than a smooth surface and would therefore experience a larger net 
energy decrease upon the spreading of a water droplet on the surface. For materials with a 
lower specific energy (i.e., hydrophobic materials), a roughened surface results in more 
spherical water droplets compared to a flat surface made from the same material. In both 
cases, the roughness of the surface enhances the apparent hydrophobicity or 
hydrophilicity of the material by increasing the actual surface area for a given geometric 
surface area (i.e., the surface area if the material was perfectly smooth) (Figure 1.13). 
The roughness factor is defined as: 𝑟 =  
𝐴𝑐𝑡𝑢𝑎𝑙 𝑠𝑢𝑟𝑓𝑎𝑐𝑒 𝑎𝑟𝑒𝑎
𝐺𝑒𝑜𝑚𝑒𝑡𝑟𝑖𝑐 𝑠𝑢𝑟𝑓𝑎𝑐𝑒 𝑎𝑟𝑒𝑎
 and when compared to the 
Young equation’s contact angle (θ) the apparent or observed contact angle (θ*) is 
described as: cos𝜃∗ = 𝑟 ∗ cos 𝜃.112 As discussed in section 1.2, electrospun fibers are 
produced on the nanometer to micrometer scale and depending on the conditions used to 
produce the fibers, additional roughness is introduced through textured fibers and through 
the incorporation of beads. In addition, electrospun meshes are porous and in an un-
wetted state are full of air. This “air-layer” is not accounted for in the Wenzel wetting 
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model; however, the Cassie-Baxter wetting model takes this “air-layer” into account 
when describing the wetting of porous materials (Figure 1.13). The air to liquid interface 
under a water droplet alters the apparent contact angle according to the equation: 
cos 𝜃∗ = 𝑟𝑓 ∗ 𝑓 ∗ cos 𝜃 + 𝑓 − 1 where f is the fraction of the surface area that is wetted 
and rf is the roughness ratio of the wet area. The 𝑓 − 1 portion of the equation describes 
the contribution of the air to liquid interface under the water droplet. When rf = r and f=1 
the Cassie-Baxter equation becomes the Wenzel equation.
113-114
  Again, as the roughness 
and/or air to liquid interface increase, the apparent contact angle of the surface is 
exaggerated either to lower angles, for hydrophilic (𝜃 < 90°) materials, or higher angles, 
for hydrophobic (𝜃 > 90°) materials (Figure 1.13). Therefore, by either decreasing the 
fiber diameter, increasing the fiber roughness (fiber texture or beads), or increasing the 
mesh porosity the apparent contact angles of the resulting meshes are exaggerated.  
1.5.2 Hydrophobic and Hydrophilic Electrospun Meshes 
Based on these models, various applications for electrospun meshes with 
enhanced hydrophobicity and hydrophilicity are of interest. Poly(ɛ-caprolactone) (PCL) 
is a hydrophobic, biodegradable polymer used in electrospinning applications as it easily 
forms nanofiber meshes with extended biodegradation profiles (~2 years), while 
mimicking the morphology of the extracellular matrix found in vivo.
35, 115-116
 However, 
hydrophobic NFMs (θ* ≈ 130°) lead to poor cell compatibility. To address this concern, 
Martins et al. reports treating PCL NFMs with radio-frequency (RF) plasma using 
different gases (Ar or O2), powers, and exposure times to transform a hydrophobic PCL 
mesh into an inherently hydrophilic mesh (θ < 90°). Through the introduction of 
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additional alcohol (-OH) and carbonyl (-C=O) species and increased fiber roughness, the 
RF O2 plasma treatments resulted in stable apparent water contact angles ranging from 0° 
to 100° as the power or exposure times were increased. Contact angles between 20° and 
70° resulted in the most cell adhesion (fibroblasts, chondrocytes, and osteoblasts). 
Interestingly, when using Ar (an inert gas), only the roughness of the fibers increased 
resulting in higher apparent contact angles; however cell adhesion was improved 
indicating cells prefer more rough surfaces over smooth surfaces.
115
 The combination of 
these results indicates that both the physicochemical and morphological properties of an 
ECM mimicking substrate are important for cell viability and spreading and that 
electrospun NFMs are compatible with tissue engineering applications.
35, 115
  
Using the synergy between the physicochemical properties and electrospun mesh 
morphologies, the Grinstaff lab has developed several applications utilizing modified 
copolymers of a biodegradable poly(glycerol-co-ɛ-caprolactone) (PGC) which has a free 
hydroxyl group for post polymerization modifications. The polymer was first developed 
by Wolinsky et al. and modified with a hydrophobic stearic acid side chain (a.k.a. PGC-
C18) to enable the slow and local release of a hydrophobic chemotherapeutic agent, 10-
hydroxycamptothecin, from a film of the polymer.
117-119
 Superhydrophobic properties 
(θ*>150°) were reported by Yohe et al. when PGC-C18 was co-electrospun with PCL 
(3:7 and 1:9 ratios) to produce microfiber meshes which exhibited an air layer, as 
described by the Cassie-Baxter model, under water droplets placed on the mesh surface.
63
 
It was observed that with either increasing amounts of the more hydrophobic PGC-C18 
into the electrospinning solution or decreasing fiber sizes, the overall observed 
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hydrophobicity of the electrospun meshes increased with contact angles approaching 
170° in the most extreme cases.
64
 In vitro, these electrospun meshes are used as a drug 
depot for the potent SN-38 chemotherapeutic agent which was slowly released into serum 
containing media over >60 days as water progressively infiltrated the superhydrophobic 
meshes, displacing the entrapped air within the highly porous material (Figure 1.14).
63
 
To further challenge the system, Falde et al. explored the stability of multi-layered 
electrospun mesh drug depots under dynamic (i.e., shaking) conditions in serum as a 
better simulation of the in vivo environment.
62
 Alternative chemistries were introduced 
into the same mesh by simply alternating between different electrospinning solutions as 
the fibers were deposited layer by layer during the electrospinning process. Using this 
technique, Falde et al. electrospin additional shielding layers of superhydrophobic mesh, 
not loaded with drug, above and below the drug loaded microfiber meshes. These layers 
further slowed the wetting process resulting in prolonged drug release to at least 30 days 
which was significantly longer than the un-shielded controls under dynamic conditions.
62
   
In addition to developing superhydrophobic drug delivery platforms, the Grinstaff 
lab has expanded the utility of the PGC based electrospun meshes towards novel point-
of-care biosensors that detect minute changes in the surface tension of liquids. These 
simple sensors are able to detect clinically relevant changes in urinary bile acid levels (50 
mN·m
-1
 (liver disease) to 54 mN·m
-1
 (healthy)) and normal vs. low fat human breast milk 
(45 mN·m
-1
 (normal milk) to 48 mN·m
-1
 (low-fat milk)) by taking advantage of the 
enhanced hydrophilicity and hydrophobicity of rough electrospun meshes.
120
 Using a 
similar layering strategy as in the dynamic drug release study, Falde et al. co-electrospun 
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the hydrophilic precursor to PGC-C18, namely PGC-OH, with PCL and a hydrophilic 
dye to produce a rapidly wetting nanofiber mesh (a.k.a indicator layer) followed by a thin 
non-wetting microfiber mesh with tunable hydrophobicity (a.k.a. sensing layer). By 
varying the ratio of PGC-C18 to PCL (polymer hydrophobicity) and the overall polymer 
concentration (fiber diameter and mesh roughness), Falde et al. generated a series of 
electrospun meshes with varying hydrophobicity. These sensing layers were tuned to wet 
within 5 minutes when liquids within a critical surface tension range were placed on the 
sensor. Clinically relevant ranges of surface tensions for diseased vs. healthy urine bile 
acid and low vs. high fat content breast milk were simulated using mixtures of propylene 
glycol and water. Since the sensing layer was only a few fibers thick, liquids within this 
critical range of surface tensions transitioned from a Cassie state (air layer under the 
droplet) to a Wenzel state (no air layer) over a 5-minute period (Figure 1.15). Once the 
droplet made contact with the hydrophilic indicator layer, it rapidly wetted the lower 
portions of the mesh causing a color change for easy detection. Falde et al. calibrated 
each mesh formulation to identify surface tensions within clinically relevant ranges based 
on the time for the apparent contact angle (θ*) to reach <90° thus creating a simple, point-
of-care diagnostic tool for monitoring liver health via urine samples and the fat content of 
breast milk.   
By modifying both the physicochemical properties and mesh morphology of 
electrospun meshes simultaneously, materials with enhanced hydrophobicity have 
enabled many advanced biomedical applications in tissue engineering, drug delivery, and 
biosensing. A UV light activated PGC derivative is synthesized in Chapter 3, which when 
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electrospun, enables the selective wetting of 3-dimensional regions within a nanofiber 
mesh for spatiotemporal control over protein adsorption and cell adhesion. In addition, a 
novel coating for a single-molecule biosensor is described in Chapter 4 using 
hydrophobic PGC-C18 nanofiber meshes to improve the detection of individual DNA 
molecules.     
1.5.3 Bioconjugated and Biosensing Meshes 
In addition to providing enhanced hydrophobic properties, the large surface area 
to volume ratio of porous electrospun meshes is attractive for biosensor applications 
where porous, high surface area solid supports are advantageous. Methods to couple 
proteins or nucleic acids of interest to polymeric materials have already been reviewed in 
section 1.4.2, this section will focus on using these methods to create enhanced 
immunosorbent assays for target protein isolation and detection. 
Advanced bioassays are being developed using novel biosensors and microfluidic 
devices translating diagnostic technologies from the benchtop to the clinic.
53
 Electrospun 
nanofiber meshes serve as a new type of bioassay solid support that possesses a wide 
range of physicochemical properties that improve the sensitivity and specificity of 
diagnostic platforms. Traditional supports such as microwell plates or magnetic particles 
are modified using many of the techniques described in section 1.4.2; however, these 
supports are limited by either their surface area or their ease of handling compared to 
electrospun NFM supports.
53, 121
 Several groups describe the utility of electrospun meshes 
in isolating target proteins and in improving the sensitivity and/or specificity of the 
protein detection method (fluorescent, colorimetric, etc.).
20, 53, 89, 122
 Typically, either a 
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target specific antibody or aptamer (short single stranded oligonucleotide) is tethered to a 
nanofiber mesh surface to capture a target molecule out of a complex mixture. For 
example, Lee et al. developed a polystyrene-poly(styrene-co-maleic anhydride) (PS-
PSMA) nanofiber mesh to capture thrombin, an important blood clotting protein, out of 
solution by first reacting the primary amines of streptavidin with the maleic anhydride 
moieties along the polymer backbone.
123-124
 Once covalently bound to the fiber, the 
streptavidin molecules were used to bind up to four biotin-conjugated aptamers specific 
for thrombin. With the target protein captured onto the NFM surface, a second aptamer 
bound to a quantum dot was used to quantify the thrombin concentration through a 
fluorescent readout. The use of two target specific aptamers (or antibodies), known as a 
sandwich assay, exhibits superior specificity compared to assays only using one target 
specific molecule since both aptamers must bind the target molecule for a signal to be 
produced. By washing away any unbound material, Lee et al. were able to elute the 
fluorescent molecules off of the NFM support using sodium perchlorate and detect the 
thrombin concentration based on the overall fluorescence of the solution.  This strategy 
resulted in a detection limit of 10 pM and a dynamic range of 0.1 to 50 nM thrombin and 
was ~2500 times more sensitive than a traditional assay performed in a 96 well plate due 
to the large surface area afforded by the NFM support.
123
   
Instead of separating protein capture from protein detection, Yang et al. 
developed the first microfluidic device to incorporate an electrospun nanofiber mesh to 
enhance both the capture and detection of the target molecule.  The ability to miniaturize 
an immunoassay through the use of microfluidic devices has resulted in the use of smaller 
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sample volumes, reduced reagent costs, shorter analysis times, and higher throughput.
125-
126
  However, a limitation of traditional microfluidic devices is the low surface area 
available for bioconjugation and subsequent target capture along the walls of the device. 
To address this limitation, Yang et al. developed an electrospun polycarbonate NFM that 
was implanted into an array of microfluidic channels and served as a solid support for an 
HIV immunosorbent assay.  One method to detect an infection is to detect the human 
antibody for the HIV antigen rather than the virus itself in a patient’s blood serum. While 
only a simple nonspecific adsorption process was used to bind the HIV antigen onto the 
polycarbonate mesh surface, the mesh successfully captured more HIV antigen than an 
empty microfluidic channel.  To avoid nonspecific binding of the target anti-HIV 
antibody (IgG), a bovine serum albumin (BSA) blocking step was used to occupy all 
available nonspecific binding sites. Then the antigen-coated surface was used to capture 
anti-HIV IgG from HIV positive serum samples. HIV positive samples fluoresced green 
after adding a fluorescently labeled IgG specific for all human IgG (Figure 1.16). Based 
on the fluorescence signal of the NFM segment of the microfluidic device, the 
concentration of anti-HIV IgG in a patent’s serum sample was identified simply by 
imaging the device with a fluorescent microscope. Without the NFM, the fluorescent 
signal was not detectable within the empty microfluidic channel highlighting the 
advantage of using a high surface area solid support to increase the target binding 
capacity of the diagnostic device, improving the overall detection limit of the system.
127
 
Solid supports with large surface areas not only improve fluorescent readouts, 
which typically possess detection limits in the low nM range, but also improve 
  
29 
amplification based colorimetric or chemiluminescent readouts which are used to detect 
target concentrations in the pM range.  A traditional enzyme linked immunosorbent assay 
(ELISA) utilizes an enzyme (e.g., horseradish peroxidase (HRP)) which oxidizes a 
colorless substrate, 3,3',5,5'-tetramethylbenzidine (TMB), into a colored byproduct over 
time. By conjugating this enzyme to the final antibody in a sandwich immunosorbent 
assay, a colorimetric signal is produced which is proportional to the amount of target 
molecule bound to the solid support. As with fluorescent readouts, more surface area 
results in more target molecule capture and subsequently more enzyme bound to the solid 
support. An HRP functionalized NFM was developed by Wang et al. as a proof of 
concept that smaller nanofibers with larger surface areas improve the enzyme activity 
compared to larger fibers with smaller surface areas. A set of poly(ethylene-co-glycidyl 
methacrylate) (PE-co-GMA) nanofiber meshes, with fiber diameters ranging from 100 
nm to 650 nm, were created with epoxide side chain reactivity towards primary amines.  
These NFMs were conjugated to biotin through an amide linkage and subsequently 
coupled with an HRP functionalized streptavidin. The HRP activity was proportional to 
the NFM fiber diameter with smaller fiber diameters having the highest reactivity due to 
having the largest surface area. In addition, the optimal NFM with the smallest fiber 
diameter (100–350 nm) was reusable up to 10 times before the reactivity dropped below 
15% of the original activity. This example demonstrates the potential for enhanced HRP 
based immunosorbent assays on NFM supports that improve protein capture and ease of 
use compared to traditional multi-well plates. Based on these findings by Wang et al., 
Senecal et al. developed a NFM based biosensor using carboxylic acid functionalized 
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polyvinyl chloride that reacted with primary amines.
90, 121
 Avidin was covalently bound 
to the NFM surface by using EDCI coupling to form amide bonds. The NFM was then 
used to detect low concentrations (~35 pM) of Staphylococcal enterotoxin B  (SEB) by 
first adding a biotinylated anti-SEB IgG, then the sample, followed by an HRP 
conjugated anti-SEB IgG to yield a peroxidase driven chemiluminescent assay which 
produced light proportional to the enzymatic activity.    The combination of this catalytic 
process and a large capture area resulted in a highly sensitive NFM biosensor for the 
detection of low concentrations of SEB toxin.
90
   
Future point-of-care diagnostic technologies require miniaturization, small sample 
volumes, improved detection limits, and improved specificity compared to traditional 
assays. The diverse library of physicochemical and morphological modifications possible 
when designing NFMs for biosensing applications will continue to address these issues. 
Chapters 4, 5, and 6 will discuss new biosensor applications for NFMs where 
physicochemical and morphological modifications enable improved nucleic acid (Chapter 
4) and protein (Chapter 6) detection in a single molecule nanopore biosensor and protein 
detection using an enhanced colorimetric assay (Chapter 5).  
1.6 Conclusions and Future Work 
 While electrospinning was discovered in the 1800’s, the resurgence of its use 
from the 1990’s to the present has been fueled by a better understanding of the physics 
behind the process resulting in a wide variety of tunable physicochemical and 
morphological mesh properties. The contributions of Reneker and Yarin in the 1990’s 
and early 2000’s lead to a better understanding of both the physical process of 
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electrospinning as well as helped defined the solution, spinning, and environmental 
parameters that are used to produce well defined fibers. In general, electrospun fibers are 
formed when high molecular weight polymers, with enough chain entanglement to 
produce fibers, are dissolved into solvent systems that can conduct a high voltage 
potential applied between a metal spinneret and a grounded collecting surface. By 
altering the polymer’s molecular weight or concentration as well as the solvent system’s 
conductivity and surface tension, a variety of fiber sizes (10’s nm to 10 µm) and 
morphologies have be produced. Similar fiber adjustments are made by modifying the 
applied voltage, distance from the spinneret to the collecting surface, the solution flow 
rate or the spinneret gauge. While not always controlled, the temperature and the 
humidity of the electrospinning chamber affect the resulting mesh properties by 
increasing or decreasing the fiber size, texture, or bead frequency. With a better 
understanding of the electrospinning process, further development of novel polymer 
systems with tunable hydrophobicity, reactivity, and stimuli responsive properties were 
described. These advances in controllable mesh morphology allowing for hundreds of 
chemically divers polymers to be electrospun into meshes has led to applications 
including oil and water separation, controlled drug delivery, tissue engineering scaffolds, 
wound dressings, and bioconjugated systems for biosensing applications all of which take 
advantage of the mesh physicochemical and morphological properties afforded by this 
technique.  
 Future research will continue to utilize the synergy between the mesh morphology 
and physicochemical properties of electrospun meshes while pushing the boundary for 
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their interactions with other systems and devices. This dissertation describes three novel 
electrospinning applications namely: 1) a biodegradable and reusable oil sorbent system 
(Chapter 2); 2) a light activated nanofiber mesh which transitions from being 
hydrophobic to hydrophilic upon activation for protein and cell patterning applications 
(Chapter 3); and 3) a nanofiber mesh coated single molecule biosensor for enhanced 
nucleic acid and protein detection (Chapters 4–6).  
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Figure 1.1 An electrospinning apparatus consisting of a syringe pump which flows a 
viscous polymer solution through a charged metal needle (5–20 kV) towards a grounded, 
rotating, and translating collecting cylinder.  
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Figure 1.2 Illustration of a Taylor cone forming at the end of a charged needle. The 
positive ions migrate away from the positively charged needle towards the grounded 
collecting plate. In the process, a Taylor cone is formed producing a stable jet which 
eventually becomes unstable upon further elongation due to bending instabilities. 
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Figure 1.3 Illustration of three successive bending instabilities with progressively 
larger coil diameters as predicted by Reneker et al. While the 3-dimensional spiral in a 
given bending instability increases with each loop, the initial spiral radii for each of the 
successive instabilities are smaller than the last and each follows the path of the previous 
instabilities. (Modified from Reneker et al.)
4
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Figure 1.4 Scanning electron micrograph of an electrospun mesh at a 5,000x 
magnification (scale bar = 5µm). The fibers are arranged in a random nonwoven 
orientation and are stacked into multiple layers producing a 3-dimensional mesh.  
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Figure 1.5 a) Yarin et al. photographs the branching instability produced when 
electrospinning 15% PCL solutions in acetone. b) The photographs in (a) were 
reconstructed using PHOTOMODELER and RHINO3D software into a 3-dimensional 
model of the branching process. (Modified from Yarin et al.)
18
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Figure 1.6 Fong et al. used corona discharge to neutralize the charge on a 
poly(ethylene oxide) in water electrospinning jet. Increasing the voltage from 0 kV to 18 
kV caused progressively more beads to be produced. (Note: horizontal edge of images is 
20 microns long) (Modified from Fong et al.)
19
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Figure 1.7 Electrospinning parameter flow diagram. For increasing (blue arrow) or 
decreasing (red arrow) conditions: Blue) solution parameters; Orange) spinning 
parameters; and Green) environmental parameters. The property affected by each 
parameter during the spinning process is illustrated in purple and the resulting fiber 
property on the electrospun mesh is in red.  
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Figure 1.8 Representative example of porous electrospun fibers. This example is 
from a library of poly(oxanorbornene) electrospun meshes that is discussed further in 
Chapter 5. (Scale bar: 5 µm) 
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Figure 1.9 Illustration of Young’s equation defining the contact angle θ for a water 
droplet on a hydrophilic (left) and hydrophobic (right) surface.  
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Figure 1.10 An example of a nanofiber mesh designed from the monomer level to 
react with primary amines. Gentsch et al. successfully bound: I) a hydrophilic moiety 
with a primary alcohol; II) a fluorescently fluorescein side chain; III) a mannose side 
chain; and IV) a galactose side chain all through amide linkages facilitated by the PFP 
esters along the polymer backbone. (This figure was modified from Gentsch et al.)
81
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Figure 1.11 Under slightly basic conditions, maleimides will react with thiols to form a 
stable covalent bond. Whether the maleimides (top) or thiol (bottom) is incorporated onto 
the fiber surface or within the solution, these surfaces are reactive towards their 
counterpart enabling a wide variety of side chain functionalities (R) to be covalently 
coupled to the NFM.  
  
  
44 
 
Figure 1.12 The ortho-nitrobenzyl derivative 1-(2-nitrophenyl)ethyl (NPE) can act as a 
photolabile protecting group for carboxylic acids (NPE-ester, Top) or amines (NPE-
amide, Bottom) and is removed in the presence of 365 nm UV light to form a free 
carboxylic acid or primary amine plus carbon dioxide, respectively. (X represents any 
chemical structure) 
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Figure 1.13 The contact angle (θ) or apparent contact angle (θ*) of a droplet of water 
on a hydrophobic (top) and hydrophilic (bottom) surface changes depending on the 
roughness and porosity of the material. For hydrophobic materials (top), smooth surfaces 
(left) have the lowest contact angle (θ1), rough surfaces (middle) result in the Wenzel 
state with a higher contact angle (θ*2) and rough, porous materials (right) develop an air 
layer below the water droplet defined by the Cassie-Baxter state with the highest contact 
angle (θ*3). For hydrophilic materials (bottom), smooth surfaces (left) have the highest 
water contact angle (θ4) followed by rough surfaces (middle) in the Wenzel state (θ
*
5), 
while droplets placed over hydrophilic porous materials (right) are absorbed into the 
porous material resulting in the lowest contact angle (θ*6).  
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Figure 1.14 Superhydrophobic surfaces with metastable contact angles, due to external 
forces or amphiphiles adsorption, will progressively wet with time. Materials lacking 
porosity (left) will simply transition from a Cassie-Baxter state to a Wenzel state as this 
water droplet wets the roughness. Porous 3D materials (right) will progressively wet 
through the material’s thickness with time resulting in a combination of Wenzel states in 
the wetted regions and Cassie-Baxter states at the forefront of the wetted region. Any 
molecule trapped within the inner layers of the porous material will only be released once 
the water layer has penetrated to that particular depth. In this way, porous, 
superhydrophobic materials can facilitate a prolonged release of therapeutic agents. 
(Modified from Yohe et al.)
64
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Figure 1.15 Electrospun nanofiber mesh with optimized hydrophobicity to either repel 
(a) or wet (b) with a liquid droplet depending on the surface tension of the liquid. c) A 
scanning electron micrograph of the thin hydrophobic microfiber sensing layer above the 
hydrophilic nanofiber mesh indicator layer. (Modified from Falde et al.)
120
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Figure 1.16 a) Illustration of a NFM encased within a PDMS and glass slide 
microfluidic device occupying the volume within the precut microfluidic channels in the 
PDMS. b) Indirect ELISA assay performed to detect the primary antibody specific for the 
antigen expressed on the NFM surface by i) adsorbing the antigen on the clean NFM; ii) 
adding a sample containing an antibody specific for the antigen; and iii) detecting the 
primary antibody binding by adding a fluorescently labeled FITC secondary antibody and 
quantifying the fluorescence of the fibers. (Modified from Yang et al.)
127
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2. Poly(ɛ-caprolactone) Microfiber Meshes for Repeated Oil Retrieval 
This chapter was published previously as Hersey, J.S. et al. (2015) “Poly(ε-
caprolactone) Microfiber Meshes for Repeated Oil Retrieval” Environmental Science: 
Water Research & Technology, DOI 10.1039/C5EW00107B. 
Through a combination of poly(ε-caprolactone) (PCL) hydrophobicity and the 3-
dimensional porosity of electrospun meshes, this chapter describes the development of 
electrospun non-woven poly(ε-caprolactone) (PCL) microfiber meshes for oil and water 
separation after an accidental oil spill. These meshes are designed to be biodegradable, 
mechanically robust, and reusable oil sorbents capable of selectively retrieving oil from 
simulated oil spills in both fresh and seawater scenarios. The hydrophobic PCL meshes 
are shown to have >99.5% (oil over water) oil selectivity and oil absorption capacities of 
~10 grams of oil per gram of sorbent material, which is described as a volumetrically 
driven process. Both the oil selectivity and absorption capacity remained constant over 
several oil absorption and vacuum assisted retrieval cycles when removing crude oil or 
mechanical pump oil from oil spills on deionized water or simulated seawater. Finally, 
when challenged with surfactant stabilized water-in-oil emulsions, the PCL meshes 
continue to show selective oil absorption. These studies add to the knowledge base of 
synthetic oil sorbents highlighting a need for biodegradable synthetic oil sorbents which 
balance porosity and mechanical integrity enabling reuse, and allow for the efficient 
recovery of oil after an accidental oil spill.  
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2.1 Introduction 
There are many industrial applications for separating low surface tension from 
high surface tension liquids in a robust, rapid, affordable, and environmentally conscious 
fashion. Current techniques to separate these immiscible liquids take advantage of density 
and surface tension differences to separate, absorb, or otherwise remove oil from oil and 
water mixtures.
128
 However, while these liquids are immiscible, they are often present as 
stabilized emulsions formed by surfactants naturally found within the oil or the aqueous 
solution causing traditional methods of separation to be lengthy, incomplete, and 
potentially expensive.
128
 The challenge of efficiently separating surfactant stabilized oil-
in-water and water-in-oil emulsions is being addressed at many levels, including the use 
of electrically responsive membranes and energy-efficient systems based on gravity 
separation. 
129-131
 
 For example, the petroleum industry is particularly interested in efficiently 
separating oil from aqueous solutions during normal petroleum acquisition and 
processing, and during accidental petroleum spills in rivers, lakes, and oceans.
128
  In the 
case of oil spills, the most commonly used clean up techniques are in-situ burning, 
mechanical methods (booms, skimming, and vacuums), chemical dispersants, and/or the 
use of sorbent materials.
132-136
 Each technique possesses advantages and disadvantage 
that dictate their use in various oil spill scenarios. One of the most successful, cost 
effective, and versatile methods is the use of porous sorbent materials to remove oil from 
the surface of a body of water.
136
 The efficiency of a sorbent material is related to its 
porosity, hydrophobicity, sorption capacity, sorption rate, and reusability.
137
 While 
  
51 
natural oil sorbents (straw, wood, cotton, milkweed, wool, etc.) biodegrade readily, a 
non-trivial limitation of many natural sorbent materials is their recovery and reuse.
138-143
 
 Consequently, many novel synthetic oil sorbents are being developed to 
selectively adsorb low surface tension liquids while excluding high surface tension 
liquids such as oil and water, respectively. Tunable synthetic sorbent materials are 
fabricated into a variety of structures to enhance their porosity and hydrophobicity 
allowing for high oil sorption capacities. These materials are optimized to be highly 
porous (porous sponges, non-woven meshes, etc.) and hydrophobic enough to exclude 
water from the material and “wet” with low surface tension liquids to allow for oil 
removal from oil/water mixtures as a semi-solid oil-sorbent composite.
70, 144-149
 The gold 
standard for synthetic oil sorbent materials used during oil spill clean-up today is made 
from polypropylene and absorbs approximately 10 grams of oil per gram of sorbent 
(g/g).
72
 In an attempt to improve the oil removal capacity, several groups have explored  
polystyrene electrospun meshes with high porosity and hydrophobicity resulting in oil 
removal capacities ranging from 80–150 grams of oil per gram of mesh.70, 150 Other 
groups have explored a wide variety of synthetic porous materials with similar or larger 
oil absorption capacities as the polystyrene meshes including: graphene functionalized 
polyurethane sponges or carbon nanotube aerogels, polydimethylsiloxane or 
polytetrafluoroethylene foams, highly porous polydivinylbenzene materials, and 
macroporous butyl rubber.
151-159
 More recently, efforts to develop reusable synthetic 
systems are being investigated to limit the amount of synthetic material required to clean 
large oil spills. These systems employ a variety of recovery mechanisms ranging from 
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mechanical squeezing to magnetic aggregation allowing for oil retrieval after oil/water 
separation.
147, 154-155, 160-163
  
While these systems show many advantages over natural sorbents and other oil 
recovery techniques, there are limitations that need to be addressed. First, several of these 
materials were tested with simple solutions containing oil (e.g., lubricating oils) and 
water without investigating crude oil, seawater mixtures, or mixtures in the presence of 
surfactants.  Second, most systems favor high porosity over mechanical integrity to 
achieve high oil absorption capacities for a single use; however, this limits the reusability 
of these materials.
149, 164
  Finally, there are currently only a few biodegradable or 
environmentally friendly synthetic oil sorbents reported which have the advantage of 
naturally degrading if they are not recovered from the ocean surface or naturally 
degrading when disposed of in a landfill after use.
61, 165-166
 Therefore, the design 
specifications for a robust synthetic oil sorbent system include selectively separating oil 
out of oil and water or seawater mixtures, being reusable and repurposed several times, 
possessing robust mechanical properties, and being composed of a biodegradable 
material for environmentally friendly disposal. To address the recovery, reusability, and 
lack of biodegradability of many synthetic sorbent materials, there is currently a push to 
investigate novel synthetic biodegradable systems utilizing biodegradable polymers or 
synthetic modifications of natural materials.
165, 167-169
   
 Herein we describe a biodegradable electrospun poly(ε-caprolactone) (PCL) mesh 
that repeatedly separates lubricating oil from surfactant stabilized water-in-oil emulsions 
(Figure 2.1). PCL (70,000–90,000 MW, Sigma) was chosen because it is a well-known 
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biodegradable (~1 year) and biocompatible polymer used in the biomedical industry
116, 
170-171
 that is produced on the ton scale for industrial uses and easily electrospun to create 
hydrophobic meshes with tunable fiber diameters, porosity, and mesh geometries. 
Microorganism accelerated decomposition of PCL in landfill conditions has been 
extensively studied tracking the progression of the polymer’s degradation from oligomers 
to monomers, to carbon dioxide and methane gas resulting in a fully biodegraded 
system.
172-173
 In addition, the microorganism accelerated decomposition of crude oil has 
been shown to follow several aerobic and anaerobic pathways.
174-175
 Specifically, we 
report the: 1) fabrication of PCL electrospun meshes with varying fiber sizes and void 
volumes; 2) selective absorption of oil (lubricating and light, sweet Texas crude) from oil 
and water mixtures and water-in-oil emulsions; 3) dependence of oil absorption capacity 
on mesh porosity; 4) mechanical properties of the meshes; and 5) reusability of the 
meshes for multiple oil recovery experiments. 
2.2 Properties of PCL Meshes 
A set of PCL meshes were electrospun either with 20%, 15%, or 10% PCL by 
weight solutions to produce fiber diameters ranging from 3.1 µm to 5.6 µm, on average 
(see Table 2.1 for details). A schematic diagram of oil removal from an oil and water 
emulsion is presented in Figure 2.1 where the fiber morphology was visualized using 
scanning electron microscopy and the instantaneous water and oil contact angles were 
determined to be 139.6° and 35.2°, respectively. The oil was selectively removed from 
the emulsion due to the rapid oil infiltration or “wetting” into the mesh, as illustrated by 
the absence of a contact angle after 1 second.   
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 The electrospun PCL meshes were highly porous and had both micrometer (fiber 
diameters ≈ 3–6 µm) and nanometer (fiber texture < 100 nm) scale surface roughness 
(Figure 2.2). As with other highly rough surfaces, the apparent contact angles associated 
with oil or water droplets on the surface of the meshes were exaggerated.
112-114
 For 
example, the contact angle of pump oil on a smooth PCL film was 18.0 ± 4.8°, on the 
roughened mesh surface the apparent contact angle was 0° after 1 second due to the oil 
droplet being in the fully wetted Wenzel state. Similarly the water contact angle on a 
smooth PCL surface was 107.8° which was enhanced to an apparent contact angle of 
139.6° due to the water droplet being in the Cassie state. The PCL meshes were 
sufficiently rough and hydrophobic to maintain a Cassie state providing an air layer 
between and below the fibers which retarded water penetration or “wetting” into the 
mesh due to the high water contact angle allowing the mesh to float on water.
64
 In 
contrast, the oil contact angle was very low resulting in a rapid, fully wetted state.  
 The oil selectivity was determined using thermal gravimetric analysis (TGA) by 
quantifying the water content of meshes exposed to 1:1 oil and water mixtures. These 
mixtures were not surfactant stabilized but were vigorously shaken to disrupt the static 
separation of the oil and water phases, and to increase the surface area of the oil and 
water interface following previously published work.
176
 PCL meshes with varying fiber 
diameter and geometry (length, width, and thickness) were exposed to these mixtures for 
10 minutes to allow the meshes to be saturated with liquid. A portion of the mesh was 
removed and analyzed using TGA by heating the sample to 110 °C for 10 minutes to 
evaporate any water present within the sample, and measuring the difference in mass 
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before and after removing the water (see Figure 2.3 for representative TGA plot). Each 
mesh had greater than 99.5% oil selectivity and removed an oil volume approximately 
equal to the calculated void volume of each mesh (Figure 2.4). These results indicated 
that the meshes were completely wetted with oil, and validated that the oil removal 
capacity of these meshes was directly related to the empty volume within the porous PCL 
meshes which increases linearly as the length, width, or thickness of the mesh increases.   
 This mechanism of oil removal was consistent with several previously published 
studies using highly porous and hydrophobic oil sorbents that absorb oil into the porous 
structure rather than simply allowing the oil to adsorb onto the sorbent’s surface.61, 151 
The oil absorption capacity (grams of oil removed per gram of sorbent material) (g/g) 
was volumetrically driven since the oil absorption capacity was directly related to the 
void volume of the substrate.  Thus, more porous systems have a higher oil absorption 
capacity; however, highly porous systems are inherently less mechanically robust and 
therefore less reusable than less porous systems, which contain a higher volume fraction 
of load bearing material.  
2.3 Mesh Reusability 
 
To study the reusability of the electrospun PCL meshes, 20% PCL meshes were 
evaluated in static and dynamic oil and water mixture ratios composed of either pump or 
crude oil and deionized water or seawater. First, a 20% PCL mesh was exposed to a 1:1 
pump oil and water mixture followed by a 700 mbar vacuum force.
140
 Five oil 
removal/retrieval cycles were performed and the oil absorption capacity (g/g) of the mesh 
was maintained at ~9 g/g indicating that the void volume was wetted with pump oil and 
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that the oil was recovered from the mesh using a vacuum force without disrupting the 
porosity of the mesh (Figure 2.5). The pump oil used in these studies is composed of 
petroleum distillates and solvent dewaxed heavy paraffin creating a relatively viscous 
(0.128 Pa·s @ 1 Pa and 1 Hz), and optically transparent oil phase, since it lacks 
impurities such as resins or asphaltenes which are commonly present in crude oil.
177
 To 
further challenge the PCL oil mesh sorbents, a sample of light (low viscosity (0.03 Pa·s 
@ 1 Pa and 1 Hz), low density (0.83 g/cm3), and high fraction of light hydrocarbons) and 
sweet (low sulfur content) Texas crude oil (ONTA Inc.) was used to compare the oil 
sorption capacity of the meshes between the two types of oil.
178
 Simulated seawater and 
the crude oil were also used to study the efficacy of the PCL meshes in separating crude 
oil from seawater. In addition to removing pump oil from fixed oil and water ratios, the 
20% PCL meshes showed a robust capacity to selectively remove all crude or pump oil 
from oil and water (deionized water or simulated seawater) mixtures leaving a “clean” 
aqueous sample in all cases after 12 cycles. Photographs of the mesh and oil/water 
mixture after cycles 1, 6, and 12 show the complete removal of 2 mL of crude oil from a 
1:1 oil and water (deionized) mixture after 12 cycles without removing any water (Figure 
2.6a). Similarly, the 20% PCL meshes removed all of the pump oil and crude oil from 
deionized water and seawater mixtures, respectively (Figure 2.6b). Based on linear fits 
of the data, the average oil volumes removed per cycle were 178 ± 8.3 µL, 186 ± 3.3 µL, 
and 194 ± 4.6 µL for the crude oil + deionized water, pump oil + deionized water, and 
crude oil + seawater, respectively (Figure 2.7).  Despite the differences between crude oil 
and pump oil at 25 °C in density (0.83 g/cm
3
 vs. 0.87 g/cm
3
), viscosity (0.03 vs. 0.13 
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Pa·s) and composition, the PCL meshes removed the pump or crude oil by approximately 
the same volume per cycle without removing the aqueous phase.
178
  Finally, the 
mechanical properties (modulus = 2.3 MPa; Yield strength = 240 kPa) and the fiber 
morphology of the meshes were also maintained (±5%) over at least 10 cycles (Figure 
2.8 and Figure 2.9). These results indicated that the porosity of the mesh was not 
disrupted by vacuum filtration, the fiber morphology was preserved, and the oil 
absorption capacity was maintained after repeated use. 
2.4 Surfactant Stabilized Emulsions 
To further challenge the oil absorption selectivity of the PCL meshes, 7:3 pump 
oil and water mixtures were stabilized by Span 80, a nonionic surfactant known to 
stabilize water-in-oil emulsions (Figure 2.10a).
179
 Compared to oil-in-water emulsion, 
these mixtures contained stabilized water droplets within a bulk oil phase (Figure 2.10b 
for confocal images of emulsions). This type of emulsion more closely mimics the 
emulsions formed at the surface of an oil spill in the ocean, which is often nicknamed 
“chocolate mousse.” These emulsions are formed by the turbulent surface conditions on 
the ocean and stabilized by natural surfactants within the oil or by surfactants produced as 
natural byproducts of oil biodegradation.
128, 174
 In order to visualize the emulsions, these 
studies were conducted with pump oil rather than the crude oil due to the pump oil’s 
optical transparency.  
 The selectivity of these meshes for oil over water was evaluated by exposing the 
meshes to water-in-oil emulsions stabilized by different amounts of Span 80 (0.5% 1% or 
5% (by wt.)). The emulsion was formed by dissolving 0.5%, 1%, or 5% by weight Span 
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80 into 700 µL of pump oil and then adding 300 µL of water before the sample was 
vigorously shaken. The resulting water-in-oil emulsions were analyzed using confocal 
microscopy with nile red dissolved in the oil phase (310 µM) (excitation: 488 nm 
emission: 515 nm) and a 20 kg/mol FITC-dextran dissolved in the water phase (10 µM) 
(excitation: 561nm, emission: 605 nm)  (Figure 2.10b). The average water droplet 
diameter before mesh exposure was ~11 µm for each emulsion (see Figure 2.11 for 
representative analysis and Table 2.2 for Avg±SD). While the mesh performed best when 
no surfactant was present (~10 g/g), it continued to maintain a high oil removal capacity 
(~8 g/g) when challenged with each surfactant stabilized emulsion (Figure 2.10a). At the 
highest Span 80 concentration (5% by wt.), the oil absorption selectivity, after the first 
exposure, was slightly reduced but not significantly (T-test between 1% and 5% Span 80 
(by wt.), p=0.211) demonstrating that these electrospun PCL meshes were capable of 
absorbing oil over water even when challenged with surfactant stabilized emulsions. 
However, after repeated use the meshes exhibited a decrease in selectivity for oil over 
water and removed some water droplets with the bulk oil phase. This was likely due to 
the Span 80 adsorbing onto the mesh surface, decreasing the surface tension of the 
material. Contact angle analysis before and after exposure to the Span 80 stabilized 
emulsions showed a decrease in contact angle of water on the surface of the meshes 
(139.6° before and 0° after). After 6 oil retrieval cycles, the remaining liquid volume was 
significantly less than 300 µL for all Span 80 emulsions tested; however, qualitatively the 
concentration of water droplets increased as shown in Figure 2.10b which suggested that 
while the selectivity for oil decreased, the remaining liquid was a more concentrated 
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water-in-oil emulsion. This result indicated that a large portion of the bulk oil phase was 
removed.  
2.5 Conclusion 
A mechanically robust, reusable, and biodegradable oil sorbent system is reported 
using ~90% porous non-woven electrospun PCL meshes. These meshes are hydrophobic 
with high water contact angles and effectively 0° oil contact angles due to the micrometer 
and nanometer scale roughness produced by the electrospinning technique. Meshes 
fabricated with varying fiber diameters but similar porosities absorb the same amount of 
oil since the oil capacity is directly related to the mesh void volume. The mesh absorbs 
oil over water even when the system is challenged with absorbing crude oil or surfactant 
stabilized water-in-oil emulsions. Similarly, the mesh enables separation of crude oil 
from crude oil / seawater mixtures. The meshes possess robust mechanical properties 
allowing for repeated oil retrieval using a vacuum assisted technique. The oil removal 
capacity of the PCL electrospun mesh is similar for both pump oil and Texas crude oil 
and comparable to the commercial gold standard polypropylene based oil sorbents (Table 
2.3). These biodegradable hydrophobic electrospun meshes show promise as oil sorbents 
for oil spill clean-ups since they selectively absorb oil out of stable oil and water 
mixtures, withstand cleaning by a vacuum force, are reusable for several cycles, allow for 
oil retrieval and collection, and biodegrade (Table 2.3).  Additional studies of PCL mesh 
biodegradation in landfills after oil exposure are necessary to understand the kinetics of 
the biodegradation. In addition, future improvements are necessary to maintain the oil 
selectivity after repeated exposure to surfactant stabilized emulsions. However, these 
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meshes show promise as they concentrate water-in-oil emulsions by removing a large 
portion of the bulk oil phase. More hydrophobic polymer meshes with smaller pore sizes 
are likely necessary to prevent infiltration of emulsified water particles into the mesh.  
 Our results support the use of biodegradable oil sorbent materials and demonstrate 
that: 1) materials with enhanced hydrophobicity will selectively absorb oil over water; 2) 
increasing sorbent porosity results in increased oil absorption capacity; 3) a balance 
between porosity and mechanical integrity is required for a robust and reusable oil 
sorbent material; and 4) long term reusability in separating surfactant stabilized 
emulsions requires a combination of small pore sizes and materials that repel surfactant 
adsorption.  Continued research efforts in developing biodegradable oil sorbents will 
afford advances in sorbent design, capacity, selectivity, and mechanical integrity with the 
goal of integrating these materials into an oil retrieval system for a more effective and 
environmentally friendly process. 
2.6 Experimental 
2.6.1 General Procedure and Methods 
All chemicals were purchased from Sigma Aldrich and used without further 
purification, unless otherwise noted. The oils used within the oil absorption studies were 
Fisherbrand 19 mechanical pump fluid (Fisher Scientific, cat. No. 01-184-150B) and 
light, sweet Texas crude (Onta Inc.). Deionized water was used in all oil and water 
mixtures except in mixtures containing simulated seawater from a diluted commercial 
concentrate (National Geographic liquid seawater concentrate; Item #: 36-23665).  
 
  
61 
2.6.2 PCL Mesh Fabrication and Characterization  
Poly (ε-caprolactone) (70,000–90,000 MW, Sigma) was dissolved in 5:1 
chloroform : methanol to create the weight percentages found in Table 2.1. A custom 
made electrospinner with a rotating and translating grounded collecting cylinder was used 
to create 10 cm x 10 cm meshes electrospun onto tin foil. The mesh thickness was 
controlled by varying the electrospinning time appropriately with the polymer 
concentration and polymer flow rate. A syringe pump was used to flow the polymer 
solution through an 18 gauge blunt needle at a controlled rate. The other electrospinning 
parameters were modified from a previous publication and are described in Table 2.1.
35
  
The porosity of the PCL meshes was determined by calculating the volume of the mesh 
using calipers to measure the length and width and a calibrated microscope (Olympus 
IX70) to measure the thickness. The mesh was then weighted. The density of the mesh 
was calculated and divided by the density of PCL to give the percentage of the mesh that 
was PCL. The remaining volume is the void volume of the mesh. The void volume 
divided by the mesh volume is the porosity of the mesh. 
2.6.3 Scanning Electron Microscopy 
A Zeiss SUPRA 55VP field emission SEM was used to image the surfaces of the 
meshes. The samples were affixed to an aluminum sample stub using copper tape and 
were coated with 5 nm of Au/Pd prior to imaging and imaged at an accelerating voltage 
of 2 kV. 
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2.6.4 Contact Angle Analysis 
A Kruss DSA100 contact angle goniometer was used to quantify the contact 
angles of water and oil (4 µl) over time on the surface of the electrospun meshes. Each 
droplet was recorded at 5 frames per second for 1 minute and the contact angle was 
analyzed frame-by-frame.  
2.6.5 Rheometry 
An Advanced Rheometer (AR1000) was used to determine the viscosity of the 
pump oil and crude oil at 25 °C using a 40 mm aluminum cone geometry by first 
performing a stress sweep and then a frequency sweep to determine the appropriate shear 
stress (1 Pa) and frequency (1 Hz) to determine the viscosity of the fluids.   
2.6.6 Oil Selectivity and Capacity  
A 1:1 mixture of pump oil and water was vigorously mixed to increase the surface 
area of the oil to water interface. A mesh with predetermined geometry and mass was 
placed into the mixture and allowed to wet over 10 minutes. The mesh was then elevated 
above the mixture removing any loose oil or water that was adsorbed onto the mesh 
surface. The mesh capacity was determined by comparing the pre- and post-wetted mass. 
The oil selectivity was determined using thermogravimetric analysis (TGA). TGA was 
performed using a TA Instruments TGA Q50. A representative 10–20 mg samples was 
cut from each mesh and analyzed for its oil and water contents. While monitoring the 
mass of the sample as a percentage of the initial mass, the sample was heated to 110 °C at 
20 °C per minute and held at 110 °C for 5 minutes to evaporate any water within the 
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sample. Any mass lost in this experiment is directly related to the amount of water within 
the mesh sample since neither the oil nor the PCL mesh will degrade at 110 °C.  
2.6.7 Mesh Reusability 
For static oil and water ratio measurements, the initial mass of an electrospun 
mesh was determined. The mesh was exposed to a 1:1 mixture of pump oil and water for 
10 minutes. The mesh was then removed from the mixture and weighed. The liquid filled 
mesh was then exposed to a vacuum (700 mbar) through a Büchner funnel to retrieve the 
liquid from within the mesh and then the mesh was weighed again. For the reusability 
study, this process was repeated for each cycle. After the last oil exposure cycle, the 
liquid filled mesh was analyzed using TGA. For the reusability or cyclic studies, crude or 
pump oil was used for the oil phase and deionized water or seawater was used for the 
aqueous phase. The same oil retrieval protocol was used as for the static measurements; 
however, the same mixture was used across all cycles until no oil remained in the vial. 
The volume of the oil phase and aqueous phase was tracked via image analysis of the 
height of each phase using ImageJ (Figure 2.12).
180
  
2.6.8 Mechanical Testing  
A Instron 5848 Micro-tester tensile testing apparatus was used to generate a σ vs. 
ε curve for 20% electrospun PCL meshes either before or after 10 cycles of oil exposure 
and retrieval under vacuum (700 mbar). The meshes were cut into 1.5 cm by 6 cm 
rectangles and the thicknesses for each mesh were measured using a calibrated 
microscope (Olympus IX70) using a 10x magnification. The sample was fixed to the 
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apparatus using sandwiched pressure tape reinforced with super glue. The sample was 
elongated at 1 mm per second corresponding to a ~2.5% strain rate to ~120% strain while 
recording the load across the sample at 10 Hz using a 100 N load cell. The elastic region 
of the mesh was defined as ε < 0.1 and the elastic modulus was calculated as the slope of 
the linear regression of this elastic region.  
2.6.9 Water-in-Oil Emulsion 
Span 80 stabilized water-in-oil emulsions were created by dissolving 0.5%, 1%, 
or 5% Span 80 (by weight) into the pump oil phase. This oil phase was then mixed 
vigorously with water at a 7:3 oil:water volume ratio to generate a water-in-oil 
emulsion.
179
 The use of pump oil enabled visualization of the emulsion.  Specifically, 
water-in-oil emulsions were examined and photographed using a Leica DMI6000 B 
confocal microscope equipped with a Nipkow (CSU-X1) spinning disk (Yokogawa) and 
a Hamamatsu ImagEM EMCCD camera imaging through a 10x objective. The samples 
(100 µL) were mounted onto a glass coverslip and imaged using an excitation Coherent 
Sapphire laser at 488 nm and at 561 nm, and fluorescent images were captured using a 
Chroma ET bandpass 525/50 and a TX2 ET filter cube with a bandpass 560/40 excitation 
filter and a bandpass 645/75 suppression filter to capture the emitted wavelengths from 
the FITC-Dextran (20 kg/mol, emission: 515 nm) in the water phase (10 µM) and nile red 
(emission: 605 nm) in the oil phase (310 µM), respectively.  An automated stage 
controlled via a µManager plugin for ImageJ (Version 1.45, NIH)
180
 was used to create a 
montage of images of the emulsion. The images were analyzed using ImageJ and the 
particle analysis tool.   
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2.6.10 Mesh Reusability in Surfactant Stabilized Emulsions  
Span 80 stabilized emulsions were created and exposed repeatedly to 20% PCL 
meshes. The emulsion consisted of 700 µL of oil (with Span 80 dissolved) and 300 µL of 
water. Meshes with approximately 129 µL void volumes were used to remove the oil 
within approximately 6 cycles. After each retrieval cycle, a 700 mbar vacuum force was 
used to remove the liquid from the mesh before subsequent exposure to the emulsion. 
After 6 cycles, the remaining liquid was analyzed using confocal microscopy to visualize 
the remaining emulsion.   
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Table 2.1 Electrospinning parameters. 
PCL 
Concentration 
(wt. %) 
Applied 
Voltage 
(kV) 
Distance to 
Collector 
(cm) 
Flow rate 
(mL/hr) 
Needle 
Gauge 
Solvent ratio 
(Chloroform: 
Methanol) 
10 12 8 10 18 5:1 
15 14 16 10 18 5:1 
20 17.5 24 10 18 5:1 
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Table 2.2 Water-in-oil emulsions before mesh exposure. 
Span80 Concentration (wt.%) Average Diameter (µm) Standard Deviation (µm) 
0.5 10 11.3 
1.0 11.3 15.5 
5.0 11.9 15.3 
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Table 2.3 Comparison of oil sorbent materials. (A comprehensive list of oil sorbent 
technologies is located in several review article.
61, 137-138, 151
) 
Sorbent 
Type 
Oil 
Sorption 
Capacity 
(g/g)* 
Liquids Tested 
Tested in 
Saltwater? 
Emulsions? 
Re-
usable? 
Bio-
degradable? 
Polypropylene 
Mats72, 138 
8–12 Crude oil Yes No Yes No 
Aligned 
Cotton 
Fibers142 
50 Motor oil No No No Yes 
Graphene 
Functionalized 
Polyurethane 
Sponge157 
80–160 
Lubricating oil, 
olive oil, bean 
oil, diesel oil, 
pump oil, 
chloroform, 
acetone, THF, 
DMF, DMSO 
No No Yes No 
Polydimethyl-
siloxane 
(PDMS) 
foam155 
4–34 
Chloroform, 
cyclohexane, 
dichloromethane, 
n-hexane, 
toluene, aniline, 
acetone, 
methanol, 
petroleum ether, 
gasoline, diesel, 
crude oil, maize 
oil, silicone oil 
No No Yes No 
Polyvinyl 
Chloride/Poly-
styrene 
Electrospun 
Mesh70 
38–146 
Motor oil, peanut 
oil, diesel, and 
ethylene glycol 
No No No No 
Poly(ε-
caprolactone) 
(PCL) 
Electrospun 
Mesh 
9 
Mechanical pump 
oil, crude oil 
Yes Yes Yes Yes 
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Figure 2.1. Schematic diagram of an electrospun hydrophobic PCL mesh that 
selectively removes oil from a water-in-oil emulsion. An SEM image of the mesh surface 
with ~6 µm in diameter fibers and ~90% porosity. The water contact angle of the PCL 
meshes was 139.6° and the instantaneous oil contact angle was 35.2° with complete oil 
wetting after 1 second. 
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Figure 2.2 Representative SEM image illustrating the nanometer scale (< 1000 nm) 
roughness on each electrospun fiber for a 20% PCL mesh (Scale bar: 10 µm).  
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Figure 2.3 Sample TGA plot of a 20% by wt. PCL mesh after being exposed to a 1:1 
oil:water mixture. After being heated to >110 °C for 5 minutes, only ~0.35% of the 
sample’s mass was found to be water. 
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Figure 2.4 PCL meshes with varying fiber diameter and void volumes were used to 
remove oil from 1:1 oil:water mixtures. Fiber diameters of 5.6 ± 0.63 µm (blue diamond), 
4.3 ± 0.48 µm (brown triangle), and 3.1 ± 0.78 µm (green circle) were created by 
electrospinning 20%, 15%, and 10% by wt. PCL solutions, respectively, and analyzed 
using scanning electron microscopy (Scale bar: 50 µm).  Each mesh selectively removed 
oil volumes approximately equal to the mesh void volume, as indicated by the slopes of 
the linear regressions. (n=3; Avg±SD) 
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Figure 2.5 20% by wt. PCL electrospun meshes maintain their oil removal capacity 
(g/g) over five oil exposure / vacuum retrieval cycles. The meshes were exposed to 1:1 
oil and water mixtures during each oil exposure and the oil was retrieved by applying a 
vacuum to the mesh to retrieve the oil from within the mesh. (Avg±SD, n=3) (p>0.05 for 
cycle 1 vs. cycle 5 using a two-tailed T-test) 
  
  
74 
 
Figure 2.6 a) Representative photographs of a 20% PCL mesh removing Texas crude 
oil from a 1:1 oil and water mixture at cycles 1, 6, and 12. The mesh is placed into the 
mixture, removed with forceps, and cleaned using a vacuum force before the process is 
repeated. (Aqueous phase outlined in blue as a guide to the eye) b) Normalized water 
(top) and oil (bottom) volumes for the Texas crude oil + deionized water (blue), pump oil 
+ deionized water (red), and Texas crude oil + seawater (green) over 13 reuse cycles. 
Approximately 180 µL of oil are removed from each mixture per cycle. (Avg ± SD, n=3) 
(Student’s t-Test: p>0.05 for all water volumes, p<0.05 between each cycle for each 
mixture)  
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Figure 2.7 Oil (top) and water (bottom) volumes after each oil retrieval cycle. Linear 
fits were applied and the slopes correspond to the average volume removed per reuse 
cycle. The oil retrieval fits have statistically significantly different slopes (p=0.002) and 
the water volume slopes are not statistically different from zero (p>0.6). (Avg±SD, n=3) 
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Figure 2.8 20% by wt. PCL electrospun meshes maintain their mechanical properties 
over ten oil exposure / vacuum retrieval cycles. The meshes were exposed to 1:1 oil and 
water mixtures during each exposure and cleaned by applying a vacuum to the mesh to 
retrieve the oil from within the mesh. The elastic modulus of the mesh remains constant 
at approximately 2.3 MPa after repeated use.  
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Figure 2.9 SEM images of the initial 20% PCL mesh and the mesh after 5 and 10 
cycles of oil exposure and oil retrieval under vacuum. Some oil remains adsorbed onto 
the fibers of the mesh causing sub-optimal imaging conditions. The meshes maintain 
their morphology and porosity after several cycles.  (Scale bar: 50 µm) 
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Figure 2.10 a) Electrospun PCL meshes selectively removed oil from water-in-oil 
emulsions stabilized by the non-ionic surfactant Span 80. The oil selectivity (blue) 
decreased slightly (not significant, T-test, p=0.211) at higher concentrations of Span 80 
as more water was able to infiltrate the mesh (red square) during the first mesh exposure. 
(n=3; Avg±SD) b) Confocal microscopy of oil (red) and water (green) mixtures (0%, 
0.5%, 1%, and 5% span80) before and after 6 oil retrieval cycles . (Scale bar: 1 mm)  
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Figure 2.11 (Top) SEM image of 20% PCL mesh (left) and segmented image with 
outlined pore geometry (right). (Bottom) Confocal microscopy image of 0.5% span 80 
stabilized water-in-oil emulsion highlighting oil in red and water in green (left) and 
specifically the water emulsion in black (right). (Scale bars: 200 µm) 
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Figure 2.12 Oil phase (black) and aqueous phase (blue) height measurements to 
determine the volume of each phase after each oil retrieval cycle. The vials radius was 
0.646 cm and total height was 4.44 cm. 
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3. Photoactive Electrospun Nanofiber Meshes: Spatiotemporal Wetting  
of Textured 3-Dimensional Structures 
This chapter was published previously as Hersey, J.S. et al. (2014) “Photoactive 
Electrospun Polymeric Meshes: Spatiotemporally Wetting of Textured 3-Dimensional 
Structures” Journal of Materials Chemistry B, 2, 2974-2977. 
Nanofiber meshes with both static (Chapter 2) and dynamic hydrophobicity 
are of interest for a variety of biomedical applications (tissue engineering, drug 
delivery, etc.) especially when external stimuli (light, heat, pH, etc.) are used to 
control and tune the material properties. The preparation, characterization, and use of 
an ultraviolet (UV) light responsive non-woven nanofiber mesh (NFM) is described 
in this chapter that transitions from being hydrophobic to hydrophilic permanently 
after exposure to UV light. Three distinct wetting profiles are observed during the 
wetting process after various UV exposure times. In addition, 3-dimensional 
hydrophilic cavities are created within the bulk hydrophobic material by using a 
combination of a photomask and UV exposure time to control the hydrophilic 
geometry. These hydrophilic cavities were used to template protein adsorption in 3-
dimensions; however, only 2-dimensional cell patterning was achieved since the 
mesh pore geometry was too small for cells to penetrate into the mesh structure.  
3.1 Introduction 
Control over polymeric material properties such as phase transition 
temperatures,
181-182
 degradation rates,
59, 183
 and/or hydrophobicity
184-186
 are of interest for 
many biomedical and industrial applications.
187-188
  Methods that enable real-time control 
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over these material properties using external stimuli are of particular utility as they 
provide even greater material tunability and functionality.
102
  As such, approaches 
employing external stimuli like temperature,
189-191
 pH,
185, 192-193
 and light
102, 107, 109, 194-195
 
offer significant opportunities to develop materials with tunable properties for advanced 
biomedical applications.
187
   
For example, photoactive materials with reversible or irreversible hydrophobicity 
changes enable spatiotemporal control over the bulk wettability of the material.
97
 
Surfaces displaying reversible changes in hydrophobicity upon exposure to UV light 
typically rely on either cis-to-trans transition in azobenzene derivatives
99, 196
 or creating 
photo-generated electrons or holes in titanium oxide or zinc oxide materials.
100-101
 On the 
other hand, irreversible changes in hydrophobicity often use photolabile protecting 
groups which cleave in the presence of light permanently exposing more hydrophilic 
moieties.
102
 A common and extensively studied family of photolabile protecting groups is 
the ortho-nitrobenzyl derivatives, where upon excitation at long wavelength UV light 
(~365 nm), the group is cleaved.
103-106
 Within this family, the 1-(2-nitrophenyl) ethyl 
(NPE) protecting group is particularly advantageous since it cleaves faster and forms a 
less harmful nitrosoketone byproduct compared to the original ortho-nitrobenzyl 
protecting group which generates a cytotoxic nitrosoaldehyde.
104-105
 Our interest is in 
developing electrospun NFMs which utilize NPE protecting groups to induce permanent 
changes in hydrophobicity upon exposure to UV light to afford spatiotemporal control 
over the 3-dimensional wettability of the NFMs. Therefore, we have synthesized a light 
activated side chain for our previously developed poly(glycerol-co-ε-caprolactone) 
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(PGC) polymer which consists of a NPE protected carboxylic acid to facilitate a bulk 
change in hydrophobicity.    
  Herein, we describe: 1) the fabrication of electrospun polymeric NFMs that 
respond to UV light; 2) the permanent transformation of the NFMs from hydrophobic to 
hydrophilic upon UV light exposure; 3) the kinetics of the wetting process which is in 
agreement with previous theoretical work; 4) the creation of defined 3D hydrophilic 
cavities within the NFM architecture; 5) the characterization of these 3D cavities using 
X-ray microCT imaging; and 6) the use of these materials for a pilot protein adsorption 
and cell patterning study. 
3.2 Ultraviolet Light Activated Mesh 
In order to electrospin light responsive NFMs, a poly(glycerol-co-ε-caprolactone) 
(1:4) (PGC) was synthesized following a previously published protocol,
118
 and 12-(1-(2-
nitrophenyl)ethoxy)-12-oxododecanoic acid (C12-NPE) was attached to the free hydroxyl 
of the PGC polymer through an ester linkage using a DCC coupling method (Figure 
3.1a). The UV active polymer, poly(glycerol 12-(1-(2-nitrophenyl)ethoxy)-12-
oxododecanoic acid-co-caprolactone) (PGC-C12-NPE; Mn=8.2 kg/mol, PDI=2.23), was 
characterized via 
1
HNMR, 
13
CNMR, and gel permeation chromatography (GPC) (Figure 
3.2 and Figure 3.3) and determined to have insufficient polymer chain entanglement to 
be electrospun alone. Therefore, a 10% by weight blend of PGC-C12-NPE and poly(ε-
caprolactone) (PCL) (70–90 kg/mol, Sigma) was dissolved into a 5:1 chloroform: 
methanol solution at a 3:7 weight ratio. This blend was subsequently electrospun into 
NFMs and characterized using scanning electron microscopy (SEM). The SEM analysis 
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reveals micrometer (~3–5 µm beads) and nanometer (fiber diameters ~100–150 nm) scale 
textures on the NFM surface (Figure 3.1b and Figure 3.4), which are ideal for producing 
exaggerated apparent contact angles (ACA) according to the Wenzel and Cassie-Baxter 
theories.  
Prior to performing wettability experiments on the NFMs, 
1
H NMR spectroscopy 
was used to confirm the photolysis of the NPE group from the polymeric side chains after 
various UV exposure times. The integration of the peak at ~6.3ppm, which corresponds 
to the lone hydrogen on the carbon linking the NPE group to the alkyl chain, was 
observed as it progressively disappeared as the polymer photolyzed (Figure 3.5). An 
exponential fit was applied to the deprotection kinetics resulting in a strong correlation 
with the data (R
2
=0.998) where after 15 minutes of exposure 61.8±24% of the NPE 
groups were deprotected and after 60 minutes 99.1±1.5% of the groups were removed 
(n=3). No backbone polymer degradation was observed via GPC analysis, even after 120 
minutes (21.6 J/cm2) of UV exposure (Table 3.1). 
3.3 Stimuli Responsive Hydrophobicity 
After determining the photolysis rate of the bulk polymer, a series of electrospun 
~80 µm thick meshes were exposed to UV light (λ = 365 nm,) for 0, 15, 30, 60, 90, and 
120 minutes to observe the effects of photolysis on surface wettability. The PGC-C12-
NPE NFMs transition from hydrophobic, with ACA of ~135°, to hydrophilic, with ACA 
of 0°, after sufficient exposure to UV light (Figure 3.6a and Figure 3.7). SEM analysis 
of before and after photolysis showed no significant difference in fiber diameter or 
morphology (Figure 3.4). A dose dependent wetting profile was observed with smaller 
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UV doses wetting more slowly over time compared to larger UV doses (5.4 J/cm
2
 vs. 
10.8 J/cm
2
 for 30 minutes and 60 minutes of UV exposure, respectively). With as little as 
15 minutes of UV exposure, the ACA decreased dramatically over 600 seconds compared 
to the unexposed control meshes (ACA ~20° vs. ~135°) (Figure 3.7). Doubling the UV 
exposure time to 30 minutes resulted in more consistent ACAs and a fully wetted surface 
(ACA ~0°) within 300 seconds. For all UV exposure times greater than 30 minutes, the 
change in ACA from the native mesh was statistically significant after 120 seconds of 
wetting (p< 0.05). For reference, the contact angle of a cast film of the polymer has a 
contact angle of 113° before UV irradiation and a contact angle of 108° after UV 
irradiation (120 minutes, 21.6 J/cm
2
) indicating the porous NFMs exaggerate changes in 
surface tension as predicted by the Wenzel and Cassie-Baxter models. 
Upon closer inspection of the wetting profiles, three distinct transitions were 
observed during the wetting process (Figure 3.6b and Figure 3.8). The initial wetting 
rate is dictated by the Cassie-Baxter to Wenzel transition where air is slowly displaced by 
the water directly below the droplet at a rate of -0.91±0.39 degrees per second. However, 
once the droplets reach a critical ACA of ~110°, the wetting rate drastically increases by 
approximately 4 fold (-0.91±0.39 °/second vs. -3.43± 0.46 °/second) as the contact angle 
drops to ~50° (Table 3.2). The ACA then decreases more slowly (-0.57 ± 0.05 °/second) 
until the droplet fully wets the surface (ACA = 0°) (Figure 3.8). Previous theoretical 
work has examined the phenomenon of how porous hydrophilic materials wet. Ishino et 
al. describes this phenomenon of hydrophilic rough surfaces as a transition from the 
Cassie to Wenzel to Sunny-side-up state where the water begins to penetrate a rough 
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surface beyond the boundaries of the water droplet on the surface such that it appears like 
a sunny-side-up egg.
197
 In order to observe this phenomenon, a study of the 3D 
wettability of the NFMs was necessary. 
3.4 Controlled 3-Dimensional Wetting 
In order to further understand the 3D wetting behavior of the stimuli responsive 
NFMs, we electrospun ~300 μm thick meshes and evaluated the use of photomasks to 
create defined hydrophilic cavities surrounded by a bulk hydrophobic material. 
Specifically, cavities of 194.2±8.2 µm and 301.1±55.7 µm depths were fabricated by 
exposing the photoactive meshes to UV light for 30 or 60 minutes, respectively, using a 
circular photo mask (1590 µm in diameter). These hydrophilic regions were analyzed by 
applying a dilute solution of a water soluble X-ray computed tomography (CT) contrast 
agent (Visipaque, 80 mg of iodine per mL water, Figure 3.9) to the surface of the meshes 
and using an X-ray µCT scanner to measure the 3D water penetration into the meshes. As 
shown in Figure 3.10a, the aqueous CT contrast agent solution was restricted to the 
surface of the hydrophobic mesh, and only after UV photolysis did the droplet penetrate 
into the predefined cavities. A linear relationship between the UV exposure time and the 
depth of the cavities was observed (Figure 3.11).  However, the diameter of the cavities 
was not as well controlled when using a 1590 μm in diameter photomask which resulted 
in average cavity diameters of 5803.9±138.1 µm and 2709.1±485.2 µm for the 30 and 60 
minute exposure times, respectively (n=3). These results indicate that the hydrophobicity 
of the material is anisotropic where layers through the thickness of the material (XY 
plane: perpendicular to the fibers) are hydrophobic and restrict water penetration until 
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exposed to a sufficient amount of UV light while across the plane of any given layer (XZ 
and YZ planes: parallel to the fibers), the material is unable to restrict wetting, even when 
not exposed to UV light, allowing the water droplet to spread along these planes until the 
ACA equals 0°. Therefore, the 60 minute exposure results in less water infiltrating along 
the XZ and YZ planes than the 30 minute exposure as the droplet wets deeper into the 
mesh, following the path of least resistance, before wetting the unexposed XZ and YZ 
planes. 
Combining these imaging results and the observation of three distinct wetting 
rates provides a better understanding of the mechanism of wetting within these NFMs. 
The initial slow wetting rate (~0.91 °/second) defines the rate of the Cassie to Wenzel 
transition. Once the material has penetrated beyond the first layer of the mesh, the 
wetting rate becomes more rapid (~3.43 °/second) as the droplet wets through the 
deprotected XY planes as well as along the XZ and YZ planes. Finally, once the lowest 
deprotected XY plane is reached, the wetting rate slows to ~0.51 °/second as the 
remaining volume above the mesh surface slowly wets along the XZ and YZ planes until 
no liquid volume remains above the NFM surface (i.e. ACA = 0°). By calculating the 
volume of the droplet used versus the volume of the deprotected region of the NFM, the 
extent of XZ and YZ wetting is minimized as the droplet preferentially wets the 
deprotected region. 
3.5 Patterned Protein Adsorption and Cell Attachment 
Electrospun NFMs are often used as scaffolds for 3D cell culture as the fiber 
diameters mimic the scale of many ECM components. While several strategies are 
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reported to aid selective cell adhesions onto synthetic materials (e.g. RGD peptide 
grafting), the most generic method is to utilize the phenomenon of protein adsorption 
onto synthetic surfaces providing ample binding sites for cell attachment.
198
 Therefore by 
controlling the location of protein adsorption in a 3D scaffold, control over the 3D pattern 
of cell adhesion will follow. In order to observe the 3D protein adsorption within the 
deprotected regions of the NFM, an iodinated bovine serum albumin (I2-BSA) was 
prepared
199
 as a model system for observation with X-ray CT imaging. A photolyzed 
cavity was prepared using the 1590 μm in diameter photomask and a 1.2% I2-BSA 
solution (1 mgI/mL) was applied to the deprotected spot to observe protein adsorption 
within the hydrophilic cavity, as shown in Figure 3.10a. The protein adsorbs within the 
same 3D region as water, confirming our ability to spatially control protein adsorption. 
Next, we determined whether a human breast cancer cell line (MCF7) in fetal bovine 
serum containing media (high protein content) would selectively adhere on and into the 
hydrophilic regions. Using a fluorescent live cell tracker and confocal microscopy, we 
observed cells in the hydrophilic regions where the mesh wetted and proteins adsorbed 
(~2.7 mm in diameter cavities). In addition, there were approximately twice as many cells 
alive after 24 hours on the meshes exposed to UV light compared to the untreated control 
(Figure 3.10b). We could not observe cells below the first layer of fibers due to poor 
light transmittance through the mesh, but given the porosity of the mesh (1–2 microns) 
we expect the majority of the cells to be at the top of the NFM.
200
 Present efforts are 
focused on preparing a light activated NFM and electrospinning procedures that facilitate 
finer control over both the shape and the depth of hydrophilic regions printed as well as 
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increased mesh pore size. Based on these preliminary results, future iterations of 
patterned materials may be of interest for high throughput drug screening assays, 
studying cell-scaffold interactions, and studying the interactions between various cell 
types when arranged in predefined geometries.
201-204
 
3.6 Conclusions 
A photoactive nanofiber mesh is reported that responds to UV light by becoming 
permanently more hydrophilic. A linear relationship between UV exposure and contact 
angle is observed with the rate of wetting increasing with greater UV exposure. SEM 
analysis revealed a mesh composed of nanofibers and micron-scale beads with diameters 
between ~100–150 nm and ~3–5 µm, respectively. This morphology contributed to the 
roughness of the material and enhanced the hydrophobicity. A dynamic wetting profile 
was observed with three distinct wetting rates.  Hydrophilic 3D cavities were created 
within the hydrophobic mesh using a combination of a photomask and varied UV 
exposure times to control the shape and depth of the hydrophilic regions, respectively. 
NFMs possessing tunable hydrophobic properties at the surface and throughout the bulk 
of the material are of significant interest for a variety of industrial, biotechnology, and 
biomedical applications. In particular, this system could play a role in selective cell 
patterning for tissue engineering applications if the mesh pore size is increased to a 
diameter that allows cells to penetrate into the 3D NFM structure. This facile approach 
enables selective patterning of 3D regions within a highly porous and 3D scaffold, 
opening up additional avenues of investigation that utilize real-time control of polymer 
properties. 
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3.7 Experimental 
3.7.1 General Procedure and Methods 
All chemicals were purchased from Sigma Aldrich and used without further 
purification, unless otherwise noted. Solvents used during synthesis were dried and 
distilled prior to use. All reactions were done in dry conditions using nitrogen. All NMR 
spectra were recorded on a Varian Mercury spectrometer operating at 300, 400, or 500 
MHz. Chemical shifts are reported in parts per million as follows: chemical shift, 
multiplicity (s= singlet, d= doublet, t= triplet, q= quartet, m= multiplet, br= broad). 
3.7.2 Polymer Synthesis 
A Poly(glycerol-co-ε-caprolactone) (1:4) (PGC) backbone was synthesized using 
a previously published protocol.
118
 
3.7.3 UV Active Side Chain Synthesis  
12-(1-(2-nitrophenyl)ethoxy)-12-oxododecanoic acid (C12-NPE) (01): 
Dodecanedioic acid (6 g, 26.1 mmol), cat. DMAP, and 1-(2-nitrophenyl)ethanol (1.45 g, 
8.7 mmol) were dissolved in DMF (70 mL), and the solution was cooled to 0 °C. To the 
mixture was added 1-Ethyl-3-(3-dimethylaminopropyl)carbodiimide (EDCI) (2.5 g, 13 
mmol) and the reaction was stirred overnight and warmed to room temperature. The 
solution was taken up into EtOAc (500 mL) and washed with water, 1N HCl, and sat. 
NH4Cl solutions. The organic layer was dried over Na2SO4. The volatiles were 
evaporated and the residue was purified on silica gel chromatography (gradient 
hexanes:EtOAc, 5:1 to 4:1 to 3:1 to 2:1), affording product 01 as a thick oil in 31% yield. 
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1
H NMR (300 MHz, CDCl3, δ) (Figure 3.12): 1.21 (br.s, 12 H, CH2), 1.49–1.66 (m, 7 H; 
CH2, CH3), 2.20–2.33 (m, 4 H; CH2), 6.27 (q, 1 H, J= 6 Hz; CH), 7.30–7.43 (m, 1 H; 
CH), 7.53–7.65 (m, 2 H; CH), 7.87 (d, 1 H, J=8.2 Hz; CH). 13C NMR (300 Hz, CDCl3, δ) 
(Figure 3.13): 20.8, 21.9, 24.6, 24.7, 28.7, 29.0, 29.1, 29.3, 34.0, 34.2, 67.8, 124.3, 
127.1, 128.3, 133.5, 138.0, 147.7, 172.7, 177.6, 180.3. 
3.7.4 UV Active Polymer Synthesis 
PGC-C12-NPE (02): Product 01 (1.02 g, 2.7 mmol), cat. DMAP, PGC (1.3 g, 2.2 
mmol) were dissolved in DCM at room temperature. To the mixture was added N,N’-
dicyclohexylcarbodiimide (DCC) (924 mg, 4.5 mmol) and the reaction was stirred 
overnight. The solution was filtered to remove the N,N’dicyclohexylurea, a byproduct of 
the reaction, and then the polymer was precipitated in 30 mL methanol overnight at -20 
°C. The polymer was subsequently filtered and washed with methanol affording product 
02 as a white solid in 69.3% yield.
 1
H NMR (300 MHz, CDCl3) (Figure 3.2): δ= 1.13 – 
1.44 (m, 21 H; CH2), 1.46 – 1.74 (m, 28 H; CH2 and CH3), 2.15 (s, 3 H; CH3), 2.21 – 
2.45 (m, 21 H; CH2), 3.90 – 4.42 (m, 17 H; CH2), 5.18 – 5.33 (m, 1 H; CH), 6.29 (q, 
J=6.48 Hz, 1 H; CH), 7.36 – 7.48 (m, 1 H; CH2), 7.60 (d, J=4.12 Hz, 2 H; CH2), 7.91 (d, 
J=8.24 Hz, 1 H; CH2).
 13
C NMR (300 Hz, CDCl3) (Figure 3.3): δ= 22.0, 24.5, 25.5, 28.3, 
29.2, 29.3, 33.8, 34.1, 34.3, 67.9, 68.2, 68.3, 124.4, 127.1, 128.2, 133.5, 138.1, 147.7, 
154.8, 155.2, 172.6, 172.9, 173.6. Differential Scanning Calorimetry: Tg= -50.13 °C, Tc= 
-16.14 °C, Tm= 37.42 °C Figure 3.14. UV-Vis spectrum Figure 3.15.  Mn= 8243 g/mol, 
PDI = 2.23 as determined by gel permeation chromatography (GPC) compared to 
polystyrene standards.    
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3.7.5 Differential Scanning Calorimetry (DSC) 
A TA DSC Q100calorimeter was used to determine the glass transition 
temperature (Tg), crystallization temperature (Tc), and melting temperature (Tm) of the 
PGC-C12-NPE polymer. The sample was heated to 100 °C at 10°C/min and isothermed 
for 5 minutes, cooled to -70°C at 10°C/min and isothermed for 5 minutes, and this 
protocol was repeated 2 more times to eliminate any phase memory in the polymer 
sample. The data was stored on the 3
rd
 cycle. 
3.7.6 Fabrication of Photoactive Electrospun Meshes 
The PGC-C12-NPE polymer was mixed with poly(ε-caprolactone) PCL (70,000–
90,000 MW, Sigma) at a 3:7 ratio. A 10% wt. 5:1 chloroform:methanol solution was 
made using the 3:7 blend. The electrospinning parameters were modified from a previous 
publication based on PCL.
[18]
 The procedure was modified to produce nanofibers (~200 
nm) using a 3 ml hour
-1
 flow rate, a 10 kV source, a collector distance of 10 cm, and a 20 
gauge needle. The thickness of the resulting mesh is directly related to the 
electrospinning time allowing for a dynamic range of mesh thicknesses (1 µm to 1 mm) 
using the same electrospinning parameters. 
3.7.7 Gel Permeation Chromatography (GPC) 
PGC-C12-NPE molecular weights were determined by GPC versus polystyrene 
standards using a THF eluent at a 1.0 mL/min flow rate through a Styragel column 
(HR4E THF, 7.8 x 300 mm) with a refractive index detector.  
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3.7.8 UV Degradation Study 
PGC-C12-NPE was dissolved in THF at a 10 mg/mL concentration and exposed 
to 21.6 J/cm
2
 of 365 nm UV light. The molecular weight and dispersity of the polymer 
was determined by GPC analysis before and after UV exposure. No polymer degradation 
was observed; while, the expected weight loss of ≈ 10% associated with NPE 
deprotection was observed (Table 3.1).   
3.7.9 UV Exposure 
The photoactive meshes were fully wetted by washing first with ethanol and then 
water. The meshes were submerged under 35 mL (5.5 mm) of water. The samples were 
exposed to a 23 W spectroline long wavelength UV lamp (λ = 365 nm, Spectroline, 
Westbury, NY) for 0, 15, 30, 60, 90, and 120 minutes (0.18 J cm
-2 
minute
-1
). After UV 
exposure, the meshes were dried at room temperature before subsequent experiments.  
3.7.10 NPE Deprotection on NMR 
A Varian 400 MHz VNMRS NMR was used to analyze the polymer meshes after 
exposure to various doses of UV irradiation. The meshes were dissolved in 0.5 mL of 
deuterated chloroform. The integral of the 6.2 ppm peak, associated with the hydrogen on 
the carbon linking the 1-(2-nitrophenyl)ethyl protecting group to the dodecandioic acid 
was analyzed and compared to the integral of the 5.2 peak associated with the hydrogen 
on the central carbon in the glycerol part of the backbone (Figure 3.5).  
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3.7.11 Scanning Electron Microscopy 
A Zeiss SUPRA 55VP field emission SEM was used to image the surfaces of the 
meshes before and after 120 minutes of UV exposure (Figure 3.4). The samples were 
affixed to an aluminum sample stub using copper tape and were coated with 5 nm of 
Au/Pd prior to imaging and imaged at an accelerating voltage of 2 kV.  
3.7.12 Contact Angle Analysis 
A Kruss DSA100 contact angle goniometer was used to quantify the contact 
angles of deionized water (4 µl) over time on the surface of the electrospun meshes. Each 
water droplet was recorded at 0.2 frames per second and the contact angle was analyzed 
frame-by-frame using the Drop Shape Analysis software provided by Kruss (Figure 3.8 
and Table 3.2).  The surface tensions of the liquids used in this study (Water, Visipaque, 
and I2-BSA) were determined using the same instrument and a hanging drop method.  
3.7.13 3D Water Imaging 
A 1.59 mm in diameter circular photomask was used to UV irradiate a circular 
region of the meshes for 0, 30, and 60 minutes. A 4 µL drop of 80 mgI/mL Visipaque 320 
(GE Healthcare, Lot: 10352690) in water solution was applied to the surface of the UV 
active meshes (~300 µm thick) (Visipaque surface tension measured in Figure 3.9). The 
water infiltration was measured using a µCT imaging system using an isotropic voxel 
resolution of 36 µm
3
, 70 kVP tube voltage, 114 µA current and 300 ms integration time. 
The image slices were converted into the standard image format (DICOM) using 
proprietary software from Scanco Medical. The data was then reconstructed and analyzed 
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using a commercial image processing software (AnalyzeTM, BIR, Mayo Clinic, 
Rochester, MN, USA). Water infiltration was analyzed using ImageJ (Version 1.45, 
NIH)
180
 where infiltration depth was measured as the length of pixels greater than 1500 
arbitrary CT units from the mesh surface to the infiltration depth averaged across 3 
measurements per sample (Figure 3.11).  
3.7.14 3D Protein Adsorption Imaging 
A 1.59 mm in diameter circular photomask was used to UV irradiate a circular 
region of the meshes for either 0 or 60 minutes. A 4 µL drop of 1 mgI/mL I2-BSA 
(synthesized using a modification of a previously published protocol)
199
 in water solution 
(~1.2% I2-BSA) was applied to the surface of the UV active meshes (~300 µm thick) to 
simulate protein adsorption onto the mesh in 3D (Surface tension of I2-BSA measured in 
Figure 3.16). The I2-BSA adsorption was measured using a µCT imaging system using 
the same parameters and analysis as the 3D Water Imaging protocol described above.  
3.7.15 Cell Culture 
MCF7 cells were acquired from ATCC and cultured using full growth media 
(RPMI with 10% fetal bovine serum (FBS) and 1% Penicillin-Streptomycin-Gentamicin 
(P/S/G)) in a Thermo Electron Corporation Forma Water Jacketed CO2 incubator (37°C, 
5% CO2, humidified). Cells were passaged a maximum of 20 times.  
3.7.16 UV Light Controlled Cell-Patterning 
1.59 mm in diameter circular photomasks were placed over twelve photoactive 
meshes and each sample was pre-wetted in ethanol and then water. Half of the samples 
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were exposed to UV irradiate for 60 minutes (365 nm, 10.8 J cm
-2
) creating a small 
circular hydrophilic region in the center of these hydrophobic meshes. Each sample was 
then sterilized in 190-proof ethanol for one hour in a biological safety cabinet (Thermo 
Electron Corporation Forma Class II, A2). After sterilization, the meshes were allowed to 
dry in the biological safety cabinet for 2 days. Each sterile mesh was then pre-wet with 
10 µL of full growth media (RPMI with 10% FBS and 1% P/S/G) applied to the center of 
the mesh for 10 minutes to allow proteins within the media to adsorb onto the mesh. Any 
remaining volume was removed after 10 minutes. Four micro-liters of 1x10
6
 MCF7 
cells/mL were applied to the pre-wetted spot. The meshes were immediately place in an 
incubator (Thermo Electron Corporation Forma Water Jacketed CO2 incubator) (37°C, 
5% CO2, humidified) for 1 hour before 100 µL of full growth media was applied to the 
surface of each mesh. The meshes were incubated for 1 and 5 days (n=3 per UV exposure 
time and incubation time), where the media was replaced daily. A CellTracker™ green 
dye solution was prepared by dissolving 50 µg of lyophilized powder in 10.8 µL of 
DMSO to create a 10mM CellTracker™ solution. This solution was then diluted with 999 
µL of serum free media (Phenol-red free Opti-mem® 1 (1X), Lot: 1125459) to 1 µL of 
the 10mM DMSO solution.  After the appropriate incubation time, the media was 
aspirated from each mesh and replaced with 100 µL of the dilute CellTracker™ Green 
dye solution. The samples were placed in the incubator for 30 minutes to allow the dye to 
be internalized into the living cells on the meshes after which the solution was aspirated 
and replaced with 100 µL of full media. The samples were again incubated for 30 
minutes to allow the dye to be metabolized into the fluorescent byproduct, resulting in 
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living cells fluorescing at 529 nm when exposed to a 488 nm laser. After being washed 
twice with phosphate buffered saline (PBS), each mesh was fixed with 4% formaldehyde 
in water solution for 15 minutes at room temperature. The meshes were stored in PBS at 
room temperature prior to confocal imaging.  
3.7.17 Confocal Imaging 
Living cells on the meshes were examined and photographed using a Leica 
DMI6000 B confocal microscope equipped with a Nipkow (CSU-X1) spinning disk 
(Yokogawa) and a Hamamatsu ImagEM EMCCD camera imaging through a 10x 
objective. The samples were excited using a Coherent Sapphire laser at 488 nm and 
fluorescent images were captured using a Chroma ET bandpass 525/50 filter to capture 
the 529 nm wavelength emission from the CellTracker™ live cell stain.   An automated 
stage controlled via a µManager plugin for ImageJ (Version 1.45, NIH)
180
 was used to 
create a montage of images to capture a grid spanning the entire mesh where each 
position consisted of 5 µm slices that spanned the entire depth (z direction) of the ~150 
µm thick meshes. A 3-dimensional model was created from the montage of images using 
Imaris (Bitplane, version 7.2.3), which is a data-visualization software for 3D data sets.  
3.7.18 SEM of MCF7 Cells 
After 24 hours of incubation on the photoactive meshes, the MCF7 cells were 
prepared for SEM imaging. The cells were washed twice in Hank’s Balanced Salt 
Solution (HBSS) and then fixed in 3% glutaraldehyde in a sucrose-cacodylate buffer (0.1 
M sodium cacodylate in a 0.1 M sucrose water solution) for 48 hours. The cells were then 
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washed in sucrose-cacodylate buffer for 5 minutes (twice) and dehydrated by exposing 
the meshes to the following ethanol & sucrose-cacodylate buffer solutions: 35% ethanol, 
50% ethanol, 70% ethanol, 95% ethanol, and 100% ethanol (twice). After dehydrating 
with the ethanol solutions, the meshes were exposed to 0.5 mL of hexamethyldisilazane 
(HMDS) for 10 minutes after which the cells were allowed to dry for 30 minutes. The 
meshes were then imaged according to the same protocol described above for scanning 
electron microscopy (Figure 3.17).  
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Table 3.1 GPC analysis of PGC-C12-NPE before and after NPE deprotection due to 
UV exposure.  
 Before UV exposure After 21.6 J/cm
2
 UV 
exposure 
Mn (g/mol) 8243 7482 
Dispersity 2.23 2.3 
Average monomer:polymer ratio 42.5 45.5 
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Table 3.2 The average ± standard deviation wetting rate data for the meshes 
described in Figure 3.8.  
 Average Wetting Rate  
[Degrees Second
-1
] 
Standard Deviation 
Hydrophobic wetting -0.91 0.39 
Rapid wetting -3.43 0.46 
Hydrophilic wetting -0.57 0.05 
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Figure 3.1 (a) Photoactive cleavage of NPE group yielding an exposed carboxylic 
acid and a nitrosoketone byproduct. (b) SEM images of electrospun PGC-C12-NPE : 
PCL (3:7) meshes (200x magnification (left) (Scale bar: 200 µm), 2000x magnification 
(right) (Scale bar: 20 µm)) 
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Figure 3.2 
1
H NMR of PGC-C12-NPE  
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Figure 3.3 
13
C NMR of PGC-C12-NPE 
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Figure 3.4 SEM images of 7:3 PCL:Photo mesh before UV irradiation (left) and after 
120 minutes of UV irradiation (right). There are no observable changes to the fiber 
morphology or texture. 
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Figure 3.5 NMR evidence of NPE cleavage via diminishing peak integrals at ~6.2 
ppm, corresponding to the lone hydrogen on the carbon linking the NPE group to the 
alkyl chain which is attached to the polymer backbone through the glycerol monomer. 
The data is fit to an exponential function (red). 
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Figure 3.6 (a) UV induced hydrophobicity change from hydrophobic (~135°) to 
hydrophilic (~0°) ACA after 30, 60, or 120 minutes of UV exposure. The ACA of water 
(4 µl) on the electrospun polymeric mesh surface was measured over 300 seconds. (n=3; 
Avg ± SD) (b) Three distinct wetting rates for a mesh exposed to 120 minutes of UV 
exposure.  (c) Images of a water droplet on meshes after exposure to 0, 30, or 60 minutes 
of UV light as a function of time.  
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Figure 3.7 UV induced hydrophobicity change from hydrophobic (~135°) to 
hydrophilic (~0°) ACA after 0, 15, 30, 60, 90, or 120 minutes of UV exposure. The ACA 
of water (4 µl) on the electrospun polymeric mesh surface was measured over 600 
seconds. (n=3; Avg ± SD) 
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Figure 3.8 The wetting profile of three different meshes after 120 minutes of UV 
exposure. Illustrates three distinct wetting rates as the water droplet infiltrates the 
photoactive mesh (after 120 minutes (21.6 J/cm2) of UV exposure) into each of the 
samples.  
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Figure 3.9 Illustrates the effect of diluting a 320 mOsm solution of Visipaque into 
water on the surface tension of the solution. (n=3, Avg  ± SD) 
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Figure 3.10 (a) µCT imaging of 7:3 PCL:PGC-C12-NPE electrospun meshes exposed 
to either 0 minutes (left) or 60 minutes (right) of 365 nm UV light through a 1590 µm in 
diameter photomask. Visipaque (left) in water or an I2-BSA solution (right) was used to 
track wetting/adsorption into the mesh. (b) Fluorescence images of MCF7 cells (green) 
seeded onto meshes exposed to 0 minutes (left) and 60 minutes (right) of UV light.   
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Figure 3.11 (a) µCT imaging of 3D hydrophilic regions within a hydrophobic bulk 
material using water soluble CT contrast agent penetration into the meshes. (b) CT 
contrast agent penetration versus UV exposure time where a linear relationship is 
observed. This trend is likely due to a gradient of UV irradiation intensity through the 
mesh causing reduced deprotection rates leading to the gradual deprotection of the mesh 
layer by layer. (n=3; Avg ± SD)  
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Figure 3.12 
1
H NMR of C12-NPE  
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Figure 3.13 
13
C NMR of C12-NPE  
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Figure 3.14 Differential Scanning Calorimetry of PGC-C12-NPE with a glass 
transition temperature at -50.13 °C, a crystallization temperature at -16.14 °C, and a 
melting temperature at 37.42 °C. The displayed scan is the 3rd heat/cool cycle to ensure a 
uniform phase throughout the polymer.  
 
  
  
115 
 
Figure 3.15 UV-Vis absorbance spectrum of PGC-C12-NPE in chloroform at 0.5 
mg/ml. 
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Figure 3.16 I2-BSA in water solution surface tensions. A 1 mgI/mL I2-BSA in water 
solution was chosen in Figure 3a to match the surface tension of the 80 mgI/mL 
Visipaque in water solution as close as possible while still maintaining a necessary 
contrast intensity. (n=3, Avg±SD)  
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Figure 3.17 SEM images of dehydrated MCF7 cells on the surface of UV exposed 
mesh within the hydrophilic region. A clear boundary between wetted and non-wetted 
region is observable on these samples (left). At 1000x magnification, MCF7 cells are 
observed interacting with both the fibers and beads of the electrospun mesh (right). (Scale 
bar: (left) 200 µm, (right) 20 µm) 
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4. A Nanopore-Nanofiber Mesh Biosensor to Control DNA Translocations 
This chapter was published previously as Squires, A.H., Hersey, J.S. et al. (2013) 
“A Nanopore-Nanofiber Mesh Biosensor to Control DNA Translocations” Journal of the 
American Chemical Society, 135 (44), 16304-16307. 
Electrospun meshes can enhance or augment biosensors by increasing their 
surface area and by providing tunable surface properties. Solid-state nanopores show 
promise as single-molecule sensors for biomedical applications, but to increase their 
resolution and efficiency analyte molecules must remain longer in the nanopore sensing 
volume. Within this chapter, we demonstrate a novel, facile, and customizable nanopore 
sensor modification that reduces double stranded DNA translocation velocity by two 
orders of magnitude or more via interactions outside the nanopore. This is achieved by 
electrospinning a copolymer nanofiber mesh (NFM) directly onto a solid-state nanopore 
(NP) chip. The effect of NFMs on dsDNA translocation through a nanopore is 
highlighted using a set of NFMs of varying mesh composition that reduce translocation 
speed relative to a bare pore from 1x to >100x. A representative NFM from this set is 
effective on DNA as long as 20 kbp, improves nanopore resolution, and allows 
discrimination among different DNA lengths. 
4.1 Introduction 
The emergence of novel nanomaterials and nanofabrication tools is accelerating 
the development of single-molecule biosensors to directly detect genomic information, 
such as single-nucleotide polymorphisms, structural variations, and epigenetic markers. 
One of the simplest and most versatile biosensors in this class is the solid-state nanopore 
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(NP).
205-206
 Similar to protein based NP
207-209
, solid-state NPs employ electrophoretic 
forces to thread and slide electrically charged biopolymers through a nanoscale hole 
fabricated in ultra-thin, insulating, membrane. A large voltage potential applied across a 
NP immersed in an electrolyte solution induces an intense ion current, producing a 
strongly diverging electrical field in the vicinity of the pore. This field gradient efficiently 
focuses electrically charged biopolymers, such as DNA molecules, allowing the detection 
of minute sample concentrations.
210
 The potential ability of a NP to scan and to resolve 
small, local features along DNA necessitates that the nominal thickness of the membrane 
be limited to only a few nanometers or even less.
211-212
 However, such thin membranes 
significantly limit the surface of the pore available to interact with DNA and thereby slow 
its movement through the NP: a conundrum. Typical translocation (or sliding) speeds of 
double-stranded DNA (dsDNA) in solid-state NP range from tens to hundreds of ns per 
basepair,
205
 and cannot be resolved with sufficient accuracy due to the inherent electrical 
noise in the detection system at these bandwidths.
213
 Thus, methods capable of slowing 
(or better yet controlling) translocation speeds are of interest for sensing applications 
such as DNA and RNA sequencing, gene expression, and genotyping.
214
 
 To regulate the translocation speed of DNA molecules we have developed a 
highly porous and tunable synthetic coating which is applied to either the entry or the exit 
(cis or trans, respectively) faces of a thin silicon nitride membrane containing the pore, as 
depicted schematically in Figure 4.1. The coating is formed by electrospinning a 
polymeric nanofiber mesh (NFM) with tunable physicochemical properties directly onto 
the nanopore surface.
20, 63-64
 Previous studies have demonstrated that nanofiber meshes 
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can act as an adsorbent to separate biopolymers.
215
 We propose that a low-density, high-
surface-area NFM proximal to a NP will significantly slow DNA passage by interacting 
with the biopolymer prior to and during translocation through the NP. Our approach 
differs from previous strategies for NP modification, which influence translocation by 
altering the pore surface itself,
216-222
 directly tethering and manipulating the DNA,
223-224
 
or changing properties of the surrounding medium, such as viscosity, pressure, or ionic 
strength.
225-227
 These approaches typically do not decouple improvements in translocation 
dynamics from other characteristics of the device, such as conductivity, blockage level, 
or wall charge. This can lead to undesirable consequences, including reduced threading 
efficiency and ion current stability, smaller signal/noise ratios, and reduced NP hydration 
efficiency. 
4.2 Hydrophobic Nanofiber Mesh Coating 
NFMs were formulated from copolymer blends of poly(ε-caprolactone) (PCL) (70–90 
kg/mol, Sigma) and poly(glycerol-monostearate-co-ε-caprolactone) (PGC-C18) (22 
kg/mol) (Figure 4.2a). PGC-C18 is synthesized according to our previously published 
protocol (see SI).
117-118
 Doping PCL with increasing quantities of the hydrophobic PGC-
C18 increases the resulting mesh hydrophobicity, as characterized by water droplet 
contact angle (Figure 4.2b). These measurements of hydrophobicity indicate changes in 
chemical composition. Figure 4.1 inset shows a typical SEM image of a 7:3 PCL:PGC-
C18 hydrophobic NFM electrospun onto a NP chip, with fiber diameters ranging from 
300–450 nm. In all cases the electrospinning deposition time, voltage, and needle 
position were adjusted to produce uniform NFM thicknesses with fibers of similar 
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morphology across all polymer blends (see Table 4.1, Figure 4.3, Figure 4.4, Figure 
4.5). The NFM fabrication step is facile, parallel, and fast. For example, coating 50 chips 
required about a minute and a few milligrams of polymer. The resulting NFM has low 
volume fraction, high surface area, and is mechanically stable. In this study, we 
electrospun NFMs onto NP chips using the following PCL:PGC-C18 copolymer blend 
ratios:  10:0 (PCL only), 9:1, 8:2, 7:3, 6:4, and 5:5. 
4.3 Nanopore-Nanofiber Mesh 
The nanopore-nanofiber mesh (NP-NFM) sensor consists of a small NP, drilled 
with a tightly focused electron TEM beam in an LPCVD-deposited, low-stress SiNx 
membrane (25 nm thick; Figure 4.6).
228
 NP chips were sealed in a custom-built flow cell 
permitting a low-noise recording of the ion current flowing through the pore.
228
 DNA 
added to the cis side of an unmodified NP (no NFM) under an applied electric potential 
induces blockades in the ionic current corresponding to translocations of DNA from the 
grounded cis side to the positively biased trans side of the membrane. Typical 
translocation events for 1000 bp DNA in an unmodified SiNx bare NP are shown in 
Figure 4.7a (blue).  
 A 7:3 PCL:PGC-C18 polymer solution was electrospun onto the very same NP. 
The NP-NFM device was readily hydrated and permitted both buffer and sample 
exchange (see Figure 4.8). Translocations of 1,000 bp DNA through this NP-NFM 
(Figure 4.7) revealed two important characteristics of the modified NP: first, and most 
noticeably, we observe a broad spread in the DNA translocation time. Specifically, the 
dwell-time of a large fraction of the events falls between 0.5 ms and 10 ms (Figure 4.7b); 
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a range which exceeds the typical translocation time of the same uncoated pore by 
roughly an order of magnitude. Second, the presence of the NFM does not substantially 
affect the open pore current (the ion current prior to DNA entry into the pore) (Figure 4.9 
inset), the blocked current level (Figure 4.9), or the noise in the NP (Figure 4.10). A 
closer evaluation of the translocation events (see sample events in Figure 4.7a and the 
dwell time histograms in Figure 4.7b) suggests that instead of a uniform shift of the 
entire dwell time histogram towards longer timescales, the NFM induces a bimodal 
distribution containing populations of “normal” and “long” events. Indeed, a mono-
exponential tail fit fails to represent the dwell time histogram of the NFM coated pore as 
accurately as does a double exponential fit. The shorter timescale, τ1, is close to the 
typical timescale for the uncoated pore, while the longer timescale, τ2, is nearly 10x 
longer. A detailed analysis of the fits and errors obtained for all data sets are presented in 
Table 4.2. 
4.4 Tunable dsDNA Translocation Rate  
In contrast to the ion current levels, dsDNA translocation dynamics are highly 
dependent on the NFM composition. We measured the characteristic translocation times 
of 1000 bp dsDNA using different NFM copolymer blend coatings, once again tail-fitting 
the resulting dwell-time distributions to double exponential functions (see Figure 
4.11and Figure 4.12 for all fits). Other metrics for analyzing the translocation time were 
explored (e.g., histogram peaks (tP) for logarithmic binning of the data), but these 
approaches generally failed to capture both the short and long translocation event 
populations (see Table 4.2 and Figure 4.13). We defined the relative τ as the ratio of the 
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timescale for the “long” event population (τ2) at each coating normalized by the 
characteristic timescale of translocation in the bare pore. We repeated these 
measurements at two applied voltages: 300 mV and 500 mV. Our results are summarized 
in Figure 4.14 (error bars show corresponding 95% confidence intervals for fits). For 
reference we also show the relative short τ values using the normal translocation 
population (τ1) where available, generally showing a value around unity.  
 When the NFMs are ranked in order of increasing hydrophobicity according to 
contact angle measurement, we observed non-monotonic changes in relative τ: The most- 
and least-hydrophobic NFMs, respectively, had relatively little effect on translocation 
speed. PCL alone slowed translocations by more than 20x at both 300 mV and 500 mV. 
The superhydrophobic 6:4 and 5:5 PCL:PGC-C18 meshes only slowed DNA by 12x and 
4x, respectively, at the lower driving force of 300 mV. For intermediate copolymer 
blends, the data collected at both 300 and 500 mV clearly showed a more pronounced 
slowing effect than the most- and least-hydrophobic meshes. In particular, the 9:1 
PCL:PGC-C18 NFM slowed translocations by more than 140x at 500 mV, and more than 
170x at 300 mV. At 300 mV, nearly 20% of events for this mesh were longer than 10 ms. 
For comparison, <0.2% of events in the bare pore at 300 mV are longer than 10 ms.  
 The variation of relative τ with mesh composition suggests that the translocating 
DNA interacts with the NFM as it approaches and threads through the NP, and that the 
strength of these interactions changes with mesh chemical composition. Moreover, the 
fact that the values obtained for τ1 are close to the bare pore translocation times suggests 
that only a fraction of the DNA molecules interact with the NFM. This observation is 
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consistent with the presence of a very sparse NFM. The interactions of strong 
polyelectrolytes, such as DNA, with dielectric surfaces are governed by a complex 
interplay between electrostatic and hydrophobic forces, which depend not only upon 
chemical composition, but also on the material’s structure, texture, and other steric 
considerations.
229
 The most hydrophobic NFMs produce relatively small retardation 
effects, while the set of NFMs characterized by intermediate hydrophobicity levels create 
maximal drag on the DNA. To account for this complex behavior, a detailed model 
describing the DNA-NFM interactions must be developed. Yet, from a practical 
standpoint this interplay provides flexibility in tuning the material properties of the 
NFMs. 
4.5 Enhanced dsDNA Sizing 
Finally, we collected translocation events using the 7:3 PCL:PGC-C18 copolymer 
blend NFM, at 500 mV, for five different dsDNA lengths ranging from 0.5 kbp to 20 kbp 
to determine if longer biopolymers interacted more strongly with the NFM than shorter 
biopolymers. One might expect that the number of contact points between the mesh and 
DNA would increase with biopolymer length affording a more stable overall interaction. 
To maintain consistency across the samples, all measurements were performed 
sequentially in a single 6 nm diameter pore (with the same NFM coating), where some 
data sets were collected twice at different time points to ensure reproducibility. The 
characteristic ion current level and dwell time of each event was extracted and plotted on 
an ‘event diagram’ (Figure 4.15). Events that displayed a folded DNA translocation 
pattern
230
 were excluded in the analysis to simplify interpretation of the results.  
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 Figure 4.15 shows a clear pattern of longer translocation times with larger DNA 
molecules. While we did not make an attempt to discriminate collision events (fast events 
that involve unsuccessful threading of the DNA into the pore) from true translocations, 
the overall trend of the translocation time is clear and consistent for all lengths. As 
before, we numerically characterized the translocation dwell-time distributions using 
exponential tail fits (see Figure 4.16 and Figure 4.17). These results are shown in the 
inset of Figure 4.15, indicating mean translocation speeds of roughly 0.4–0.7 µs/base, 
which is 20–35x slower than for an uncoated pore under the same conditions (see Figure 
4.18). A monotonic growth in the characteristic translocation time as a function of length 
is observed for DNA in the presence of the NFM coating. We also observed that in the 
range from 1 kbp to 10 kbp, the slowing factor relative to a bare pore increased slightly 
(from 20x to 35x, see Figure 4.18 inset). While this is consistent with our original 
hypothesis, the trend of increased slowing for longer DNA was far less pronounced than 
expected, and barely significant given the associated fit error. Although this observation 
partly contradicts our a priori expectation that the longest DNA would be slowed much 
more than shorter DNA, there are still a number of possible explanations for this 
behavior. First, some of the events in the 20 kbp sample and even the 10 kbp sample 
exceeded the acquisition capability of our experimental system (~250 ms); thus the 
overall tail fit may reflect shorter timescales than expected. Second, a fully stretched 20 
kbp DNA may extend beyond the width (even locally) of the NFM fibers used in this 
experiment. It is thus reasonable to predict that the retardation factor may stay constant or 
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even become smaller for very long DNAs.  Nevertheless, a clear relationship exists 
between the characteristic translocation times and DNA length.  
4.6 Conclusions 
In summary, the effect of NFM coatings on dsDNA translocation dynamics in 
solid-state NPs is reported. The NFMs increase DNA translocation time by up to two 
orders of magnitude or more without altering the ion current levels. This effect is 
sustained for DNA, up to 20 kbp in length, enabling greater temporal resolution for the 
longest strands of DNA. NFM composition, as characterized by hydrophobicity, affects 
translocation times. This observation is consistent with our view that at an intermediate 
hydrophobicity the DNA interacts strongly with the NFM, the disruption of which is 
facilitated by the electrophoretic forces applied on the DNA. The process of 
electrospinning a NFM coating onto a NP is facile, high-throughput, parallel, and 
compatible for use with a number of chemically diverse polymers. Thus, this method and 
the resulting device compositions are readily tunable for many DNA sensing applications 
benefiting from control over biopolymer translocation rates. Future work will focus on 
these and other NFMs to create a NP-based class of biosensors with a broad range of 
customizable translocation properties. 
4.7 Experimental 
4.7.1 General Procedure and Methods 
All chemicals were purchased from Sigma Aldrich and used without further 
purification, unless otherwise noted. Solvents used during synthesis were dried and 
distilled prior to use. All reactions were conducted in dry conditions in a nitrogen 
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atmosphere. Chemical shifts are reported in parts per million (ppm) as follows: chemical 
shift, multiplicity (s= singlet, d= doublet, t= triplet, q= quartet, m= multiplet, br= broad). 
4.7.2 PGC-C18 Polymer Synthesis 
A poly(glycerol-co-ε-caprolactone) (1:4) (PGC) backbone was synthesized using 
a previously published protocol (Figure 4.19). Specifically the PGC polymer was 
synthesized through a tin octanoate catalyzed (1/100 eq) ring opening polymerization of 
the ε-caprolactone and 5-(benzyloxy)-1,3-dioxan-2-one monomers in a 4:1 ratio, 
respectively, at 140°C for 12 hours. The copolymer was isolated through a precipitation 
in cold methanol (yield: 99%). The benzyl protecting group was removed from the 
polymer backbone using a palladium-catalyzed hydrogenation in THF for 16 hours at 50 
psi. The catalyst was removed by filtering the product through Celite (yield: 99%). The 
deprotected PGC polymer (PGC-OH) was dissolved in DCM with stearic acid, N,N'-
dicyclohexylcarbodiimide (DCC), and 4-dimethylaminopyridine (DMAP) and stirred at 
room temperature for 16 hours to functionalize the polymer with stearic acid. 
Dicyclohexylurea was removed by filtration and the solvent removed by evaporation. The 
stearic acid functionalized PGC (PGC-C18) was purified by dissolving the polymer in 
DCM and precipitating it into cold methanol. The PGC-C18 polymer was filtered and 
dried under high vacuum for 12 hours (93% yield) (22,000 g/mol, PDI 1.4 by GPC). 
1
H 
NMR (400 MHz, CDCl3) (Figure 4.20): δ= 0.79–0.83 (t, J=8 Hz, 3 H; CH3), 1.15–1.21 
(s, 32 H; CH2), 1.29–1.35 (m, 4 H; CH2), 1.56–1.64 (m, 18 H; CH2), 2.22–2.28 (m, 10 H; 
CH2), 3.97–4.01 (t, 8H; CH2), 4.03–4.34 (m, 6 H; CH2), 5.17–5.23 (m, 1 H; CH). 
13
C 
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NMR (400 MHz, CDCl3) (Figure 4.21): δ= 14.1, 22.7, 24.6, 25.5, 28.3, 29.7, 31.9, 34.1, 
62.0, 64.1, 65.5, 68.2, 68.6, 154.85, 172.87, 173.54. 
63, 118
 
4.7.3 Gel Permeation Chromatography (GPC) 
PGC-C18 molecular weights were determined by GPC versus polystyrene 
standards using a THF eluent at a 1.0 mL/min flow rate through a Styragel column 
(HR4E THF, 7.8 x 300 mm) with a refractive index detector.  
4.7.4 Nanopore Fabrication and Drilling 
Nanopore chips are fabricated from a <1,0,0> single-crystal silicon wafer 
through-etched to leave a thin (~20 nm) freestanding silicon nitride (SiN) membrane 
supported by a small (5 mm x 5 mm x 0.35 mm) silicon chip. 
A nanopore is drilled through the SiN using a highly focused transmission 
electron microscope beam (10
8 – 109 e-/nm2) to sputter away material from the thin 
membrane according our previously published method.
228
 A sample image of a pore used 
in this study is shown in Figure 4.6. Nanopores were drilled and cleaned prior to 
electrospinning. 
4.7.5 Fabrication of NP-NFMs 
The following co-polymer blends were created in 5:1 chloroform:methanol 
solutions: 7% by wt. poly(ε-caprolactone) (PCL) (70,000–90,000 MW, Sigma) (PCL 
alone solution), 7% by wt. PCL + 0.78% by wt. PGC-C18 (9:1 PCL:PGC-C18 blend), 
7% by wt. PCL + 1.75% by wt. PGC-C18 (8:2 PCL:PGC-C18 blend), 7% by wt. PCL + 
3% by wt. PGC-C18 (7:3 PCL:PGC-C18 blend), 7% by wt. PCL + 4.66% PGC-C18 (6:4 
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PCL:PGC-C18 blend), 7% by wt. PCL + 7% by wt. PGC-C18 (5:5 PCL:PGC-C18 
blend).  The electrospinning parameters were modified from a previous publication based 
on electrospun PCL.
35, 64
 The procedure was modified to produce nano-fibers (~300 nm) 
using a 3 ml/hour flow rate, a 8 kV source, a collector distance of 10 cm, and a 20 gauge 
needle for all electrospun NFMs. The SiN nanopore chips were affixed to one side of a 
double sided copper tape and the other side was adhered to the grounded collecting 
surface. NFMs were electrospun for the appropriate time for each blend such that 5 mg of 
polymer was electrospun onto the grounded collector.  
4.7.6 Contact Angle Analysis 
A Kruss DSA100 contact angle goniometer was used to quantify the contact 
angles of water (4 µl) on the surface of the hybrid NP-NFM devices. Each water droplet 
was allowed to reach its equilibrium contact angle over 15 seconds before the water 
contact angle was measured. 
4.7.7 Scanning Electron Microscopy 
A Zeiss SUPRA 55VP field emission SEM was used to image the surfaces of 
each NP-NFM. The samples were affixed to an aluminum sample stub using copper tape 
and were coated with 5 nm of Au/Pd prior to imaging and imaged at an accelerating 
voltage of 2 kV. 
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4.7.8 Nanopore Cleaning and Wettability 
Nanopore chips are cleaned prior to wetting in a heated 3:1 H2SO4:H2O2 (piranha) 
bath for 15 minutes to remove any organic contaminants and improve pore wettability.
230
 
Chips are then rinsed and stored in DI water until use. 
4.7.9 Nanopore Electrical Sensing 
Nanopore chips are assembled in a Teflon cell and PDMS is used to seal the 
edges of the chip to prevent current leakage, according to our previously published 
protocol.
228
 Reservoirs on each side of the membrane are filled with an electrolyte buffer 
(1M KCl, 10 mM Tris-HCl) and all bubbles are removed manually. The NFM coating 
may be hydrated using 5% ethanol, if necessary, which may then be rinsed out with a 10x 
buffer exchange. An Axon 200B amplifier is used to apply a voltage clamp (300 mV or 
500 mV) across the membrane via Ag/AgCl electrodes, and the resulting current is 
measured.  
4.7.10 Nanopore Data Collection 
All data are collected using National Instruments A/D data acquisition boards and 
custom Labview software at a rate of 250 kHz, filtered at 100kHz (unless otherwise 
specified). Conductance is calculated by measuring current as a function of voltage for -
500 mV to +500 mV. The electrolyte buffer used in this study was 1M KCl, 10 mM Tris-
Cl, pH 7.5. Typical applied bias for translocations is 300 or 500 mV. Electrical noise is 
measured both as RMS noise for each voltage applied, and also as a frequency-domain 
spectrum transformed from a continuously recorded current trace. Only NP-NFM devices 
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that displayed voltage response and noise characteristics very similar to an uncoated 
nanopore were used in this study. 
4.7.11 DNA Samples 
All DNA samples used in this study were double stranded DNA fragment length 
standards purchased from ThermoScientific (NoLimits 0.5, 1, 5, 10, and 20 kbp) DNA 
was stored in 50 mM KCl + TE buffer until use. 
4.7.12 Automated Detection of DNA Translocations 
DNA translocations through a nanopore are detected as transient drops in 
conductance (please see Figure 4.8). Translocations are identified using a custom 
Labview program, previously described,
230
 and events are later automatically evaluated in 
Matlab to determine the open pore current Iopen (unblocked pore), the blockage level Ib (Ib 
= Iblock/Iopen), and the time of translocation tT. 
4.7.13 Analysis Methods of the Dwell-Time Histograms of DNA Translocations using 
Various PCL:PGC-C18 Copolymer Blend Ratios 
We compared five methods of analysis for translocation dwell time, illustrated in 
Figure 4.22 using the data from Figure 4.7 in section 4.3 as an example:  
1. Most probable translocation time, tp_linear, is defined for a linearly binned 
histogram of translocation times as the center of the most probable bin. Error is 
given by ± (bin size)/2. 
2. Characteristic translocation time, τ, is defined by an exponential decay fit to the 
tail of the linearly binned translocation time histogram: PDF=Ae
-(t/τ1) + Be-(t/τ2) . 
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Histograms for the bare pore at 300 mV and 500 mV were well-fit by a single 
exponential decay, whereas nearly all data sets for NFMs required two 
exponential decay terms (goodness of fit determined by R
2
). Error is reported for 
a 95% confidence interval for this fit. 
3. A variation on most probable translocation time, tp_log, is defined as the Gaussian-
fit mean of a log-binned histogram of translocation times. Error is reported for the 
95% confidence interval for this fit. 
4. The mean translocation time, <tT> is the numerical mean of all tT with error 
defined by the standard deviation of the mean, ± σSDOM.  
5. Percent of events over 1 ms are counted, with counting error ± σSDOM * 100%. 
4.7.14 Statistics 
Thousands of translocations were collected for each nanopore condition. The 
number of events is indicated for each data set. Current levels for individual events are 
determined using Gaussian fits to all-points histograms. Overall open pore current, 
conductance changes, blockage levels, and so forth are fits to ensemble histograms, 
unweighted by event time. Distributions for translocation time, tT, represent the tail of a 
Poisson-like distribution
209, 230
 and are characterized by the timescale of an exponential 
decay fit. Where multiple populations could be distinguished, this fit used two terms, one 
for collisions and one for translocations, weighted for counting error. A typical r
2
 value is 
0.9 or higher for both types of fits. 
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Table 4.1 PCL:PGC copolymer blends and electrospinning parameters. 
Electrospinning times were adjusted to electrospin 5 mg of polymer per batch of NP-
NFM. 
  PCL:PGC-C18 copolymer blend ratios 
Polymer blend PCL alone 9:1 8:2 7:3 6:4 5:5 
PCL weight 7% 
PGC-C18 weight 0 0.78% 1.75% 3.00% 4.67% 7.00% 
Applied potential 8 kV 
Grounded collector distance 10 cm 
Needle gauge 20 gauge 
Flow rate 3 mL/hr 
Electrospinning time 
85     
seconds 
78 
seconds 
69 
seconds 
60 
seconds 
52 
seconds 
43 
seconds 
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Table 4.2 Values for each method of analysis of the characteristic translocation time for the various PCL:PGC-C18 
copolymer blends tested, at both 300 and 500 mV. 
METHOD:   I II III IV V 
Copolymer blend Voltage # Events tp_linear (μs) τ1 (μs) τ2 (μs) tp_log (μs) <tT> (μs) tT > 1 ms (%) 
Bare pore 300 2141 30 ± 10 (42 ± 2) 42 ± 2 52 ± 3 118 ± 8 1.63 ± 0.3 
PCL only 300 1025 75 ± 25 75 ± 5 878 ± 105 230 ± 72 937 ± 53 29 ± 1.7 
9:1 PCL-PGC-C18 300 204 500 ± 100 330 ± 45 7293 ± 4400 739 ± 350 3550 ± 165 47 ± 6 
7:3 PCL-PGC-C18 300 1672 62.5 ± 12.5 63 ± 3 627 ± 37 290 ± 55 923 ± 38 26 ± 1.2 
6:4 PCL-PGC-C18 300 879 75 ± 25 68 ± 5 527 ± 54 204 ± 62 862 ± 53 30 ± 2 
5:5 PCL-PGC-C18 300 1114 50 ± 10 44 ± 3 188 ± 11 98 ± 6 214 ± 16 2.5 ± 0.5 
Bare pore 500 926 15 ± 10 (26 ± 2) 26 ± 2 22 ± 25 96 ± 9 1.2 ± 0.4 
PCL only 500 1164 30 ± 10 58 ± 3 592 ± 45 281 ± 40 1110 ± 55 34 ± 1.7 
9:1 PCL-PGC-C18 500 549 300 ± 100 325 ± 40 3670 ± 630 2051 ± 780 2072 ± 102 65 ± 3.4 
8:2 PCL-PGC-C18 500 807 120 ± 40 181 ± 23 739 ± 94 338 ± 30 777 ± 28 20 ± 1.5 
7:3 PCL-PGC-C18 500 1208 40 ± 40 - 384 ± 13 269 ± 34 505 ± 21 12 ± 1 
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Figure 4.1 Schematic cross-section of a solid-state nanopore with nanofiber mesh 
spun on its cis side. The DNA interacts with the mesh as it is electrophoretically threaded 
through the pore (not to scale). Inset: SEM of nanofiber mesh on nanopore chip.  
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Figure 4.2 a) Synthesis of PGC-C18. b) Effect of PCL:PGC-C18 copolymer ratio on 
nanofiber mesh hydrophobicity, measured via contact angle (n=6, Avg ± SD)(*p<0.05, 
**p<0.01) 
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Figure 4.3 Images of nanopore chips before (left) and after (right) fabrication, 
showing parallelization of electrospinning technique. Up to 50 chips may be spun at once 
using our current apparatus. 
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Figure 4.4 SEM images of 3 selected NFM copolymer blends with a constant PCL 
weight %. PGC-C18 content does not affect the morphology (fiber diameter, mesh 
density, etc.) of the NFM. Fiber diameters for each blend range from ~250–450 nm. 
Representative fibers were chosen at random for each NFM copolymer blend. (Scale: 2 
µm. Magnification: 2,500X. n=9, Avg±SD, p>0.05 comparing each copolymer blend). 
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Figure 4.5 SEM images of a 7:3 PCL:PGC-C18 NP-NFM devices at 100X, 1,000X, 
10,000X, and 38,770X. The scale bars are 200 µm, 20 µm, 2 µm, and 500 nm for the 
100X, 1,000X, 10,000X, and 38,770X images, respectively. All NFM copolymer blends 
produce similar fiber diameters and bead morphology. Both micrometer and nanometer 
scale texture is produced by the NFMs allowing for the enhanced hydrophobicity 
observed in Figure 4.2. The SiN membrane is visible below approximately 3–4 layers of 
nanofibers (10,000X image) making the NFM approximately 1–2 µm thick. 
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Figure 4.6 Tunneling Electron Microscope (TEM) image of nanopore taken after 
drilling 
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Figure 4.7 Comparing translocation times through a bare nanopore (NP) and an NP-
NFM. a) Representative current traces for 1000 bp dsDNA passing through the same NP, 
as a bare NP (upper) and as a 7:3 PCL:PGC-C18 NP-NFM (lower), showing similar 
blockage levels but some significantly slower translocation times for the NP-NFM 
(V=300 mV, Iopen = 2.7 nA). b) Histogram of event duration for the same uncoated NP 
(blue) and 7:3 PCL:PGC-C18 NP-NFM (red), showing exponential tail fits (error bar: τ ± 
95% confidence) 
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Figure 4.8 Current trace for a 4 nm pore at 500 mV, 1M:1M KCl with an 8:2 
PCL:PGC-C18 NFM coating, filtered at 100 kHz. Initial trace (prior to adding DNA) 
shows a clean pore with a steady open pore current. After adding 1000 bp DNA, transient 
drops in current indicate the passage of individual molecules through the nanopore. The 
DNA was rinsed out with a 10x wash, returning the current trace to its original clean and 
open state. 
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Figure 4.9 Effect of NFM coating on 1000 bp DNA translocation relative blockage 
level IB (IB= Iblock/Iopen) at 300 mV. In each case IB was determined as a Gaussian fit to a 
histogram of event blockage levels, excluding folded events and collisions. Inset shows 
nanopore conductance for a single nanopore, measured bare, coated with PCL only, and 
coated with 7:3 PCL:PGC-C18. IB points corresponding to the inset conductance 
measurements are colored accordingly. 
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Figure 4.10 Power spectrum of noise in the same 4 nm nanopore at 300 mV, 1M:1M 
KCl, with three different NFM coating conditions: bare (blue), PCL only (green), and 7:3 
PCL:PGC-C18 (red). All three power spectra are nearly identical, indicating that the 
addition of an NFM does not significantly change current noise in a solid-state nanopore. 
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Figure 4.11 Exponential tail fits for translocation of 1000 bp DNA in 4–4.5 nm diameter nanopores at 300 mV. Tested 
coatings include a bare pore, PCL only, and 9:1, 8:2, 7:3, 6:4, and 5:5 PCL:PGC-C18 NFM coatings. Folded events and 
collisions were excluded where possible to simplify analysis. 
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Figure 4.12 Exponential tail fits for translocation of 1000 bp DNA in 4–4.5 nm diameter nanopores at 500 mV. Tested 
coatings include a bare pore, PCL only, and 9:1, 8:2, and 7:3 PCL:PGC-C18 NFM coatings.  Folded events and collisions were 
excluded wherever possible to simplify analysis. 
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Figure 4.13 Methods for calculating translocation time, applied to bare pores and all 
coatings for 300 mV and 500 mV, 1000 bp DNA (data shown in Table 4.2). a) 
Characteristic translocation time τ (Method II).  b) Most probable translocation times, 
tp_linear and tp_log. c) Mean translocation time tmean. d) % of events over 1 ms. 
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Figure 4.14 Slowing factor τrelative (where τrelative = τcoated/τbare) for various coatings: 
Bare pore (τrelative = 1), PCL only, 9:1, 8:2, 7:3, 6:4, and 5:5 PCL:PGC-C18 blends. All 
data are for 1000 bp dsDNA in 4–4.5 nm nanopores, 300 mV (blue) and 500 mV (red) 
(error bar: τ ± 95% fit confidence interval of exponential tail fits; 9:1 PCL:PGC-C18 
blend at both 300 and 500 mV is shown at 1/3 scale for clarity). τrelative values calculated 
using either τ1 or τ2 are shown (light and dark colors, respectively). 
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Figure 4.15 Event diagram for five lengths of dsDNA translocating through a 6 nm 
nanopore coated with 7:3 PCL:PGC-C18. Ib is normalized for clarity. Inset: 
Characteristic translocation time τ for each DNA length (error bar: τ ± 95% fit confidence 
interval). Dotted line is a guide to the eye. 
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Figure 4.16 Exponential tail fits for translocation of 1 kbp, 5 kbp, and 10 kbp DNA in a bare 6 nm diameter nanopore at 500 
mV. Folded events and collisions were excluded wherever possible to simplify analysis. 
  
  
1
5
1
 
 
Figure 4.17 Exponential tail fits for translocation of 0.5 kbp, 1 kbp, 5 kbp, 10 kbp, and 20 kbp DNA in a 7:3 6 nm diameter 
nanopore at 500 mV. In the cases 5, 10, and 20 kbp, double exponential fits (indicated by *) were required to adequately fit the 
distributions. During the >12 hours of this experiment we observed a slow drift in the pore current (less than 5%); therefore in 
Figure 4.15 we have normalized the blocked current by the mean blocked current to account for this unavoidable drift. Folded 
events and collisions were excluded wherever possible to simplify analysis. 
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Figure 4.18 Event diagram for translocation of 1 kbp, 5 kbp, and 10 kbp DNA in a 
bare 6 nm diameter nanopore at 500 mV. Inset shows relative τ for 1, 5, and 10 kbp in the 
7:3 PCL:PGC-C18 coated nanopore normalized by this bare pore data. Although a slight 
increase in this retardation factor is observed with increasing length, there is little or no 
increase within the fit error (error bars for 1 kbp are smaller than marker). 
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Figure 4.19 Synthetic scheme of PGC-C18. 
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Figure 4.20 
1
H NMR of PGC-C18.  
  
  
155 
 
Figure 4.21 
13
C NMR of PGC-C18.  
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Figure 4.22 Depiction of analysis methods to characterize translocation time, shown for bare pore and 7:3 PCL:PGC-C18 
NFM-coated pore at 300 mV, 1000 bp DNA. a) Methods I and II: Most probable translocation time (linear), tp_linear, is taken 
from the distribution peak. Characteristic translocation times τi are given by exponential decay fits to distribution tails. b) 
Method III: Most probable translocation time (log), tp_log, is determined by a Gaussian fit to the log-binned tT. (Method IV, 
numerical mean, not shown) c) Method V: Events exceeding 1 ms (dotted line) are counted as a fraction of the data set. 
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5. Functionalized Nanofiber Meshes for Enhanced Immunosorbent Assay 
This chapter was published previously as Hersey, J.S. et al. (2015) 
“Functionalized Nanofiber Meshes Enhance Immunosorbent Assays” Analytical 
Chemistry. 
Novel 3-dimensional substrates with high surface to volume ratios and 
subsequently large protein binding capacities are of interest for advanced immunosorbent 
assays utilizing integrated microfluidics and nanosensing elements. A library of bioactive 
and antifouling electrospun nanofiber substrates are described in this chapter which are 
composed of novel high molecular weight poly(oxanorbornene) derivatives. A set of 
copolymers are synthesized from three 7-oxanorbornene monomers to create a set of 
water insoluble copolymers with both biotin (bioactive) and triethylene glycol (TEG) 
(antifouling) functionality. Porous 3-dimensional nanofiber meshes are electrospun from 
these copolymers with the ability to specifically bind streptavidin while minimizing the 
nonspecific binding of other proteins. Fluorescently labeled streptavidin is used to 
quantify the streptavidin binding capacity of each mesh type through confocal 
microscopy. A simplified enzyme linked immunosorbent assay (ELISA) is presented to 
assess the protein binding capabilities and detection limits of these nanofiber meshes 
under both static conditions (26 hours) and flow conditions (1 hour) for a model target 
protein (i.e., mouse IgG) using a horseradish peroxidase (HRP) colorimetric assay.  
Bioactive and antifouling nanofiber meshes outperform traditional streptavidin coated 
polystyrene plates under flow, validating their use in future advanced immunosorbent 
assays and their compatibility with microfluidic based biosensors.  
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5.1 Introduction 
Polymers play a key role in many molecular diagnostic and biosensor device 
configurations and, today, sensing an environmental or medical analyte of interest 
represents a $12 billion global industry.
53, 89, 231-234
 Traditional materials such as 
polystyrene plates are widely used to capture target molecules onto a surface for 
detection through a variety of methods including enzyme linked immunosorbent assays 
(ELISAs), fluorescence based techniques, or electrochemical readouts.
235
 While these 
polymeric surfaces are widely used and successful, future advances must coincide with 
the reduction in the overall sample volume, the incorporation of nanoscale sensing 
elements, the enhancement of the capture efficiency of these surfaces, and the integration 
of these surfaces into platforms that enable facile sample preparation and measurement. 
For example, methods that produce nanofibers, nanowires, and nanoparticles capitalize 
on the large surface to volume ratios to enhance the sensitivity of various bioassays by 
increasing the number of available target binding sites.
53, 236-238
 However, non-trivial 
limitations are often encountered including ease of handling, mechanical integrity, and 
integration with nanosensing elements, such as a solid-state nanopore sensor.
53, 230, 239
  In 
Chapter 4, we reported the assembly of a nanofiber mesh layer atop a silicon nitride 
nanopore for regulating the translocation speed of DNA through the nanopore and for 
discriminating between DNA of different molecular weights.
239
 These results illustrate 
that the tunable nanofiber meshes can enhance the sensing capabilities of the nanopore, 
without blocking it or directly modifying its interior surfaces. Therefore these results 
provide impetus for further study of more sophisticated nanofiber mesh coatings prepared 
  
159 
using an electrospinning technique and specifically, for designing nanofiber mesh 
coatings that possess functional groups for molecular recognition, thus expanding the 
potential bioassay capability of nanopores.  
Electrospinning is a highly flexible technique to fabricate non-woven porous polymeric 
nanofiber meshes with high surface to volume ratios from a variety of different 
polymers.
53, 89, 240
  This technique involves the use of a syringe pump to continuously 
flow a viscous polymer solution through a spinneret that is charged with a high voltage 
(typically >5 kV). High molecular weight polymers are often needed to provide sufficient 
chain entanglement for this process to form fibers rather than nano- or micro-particles.
1, 3
 
Therefore, synthetic procedures that give high molecular weight polymers and that are 
tolerant to the use of monomers possessing different functional groups are of significant 
interest.  Moreover, this technique has previously been shown to coat sensitive biosensors 
(Chapter 4), such as nanopores, in an orthogonal fashion providing an additional 
dimension to biosensor development as the nanofiber mesh does not alter the 
physicochemical properties of the nanopore (hence having minimal or no impact on its 
sensing ability) but does imbibe additional functionality to the biosensor. 
With regards to the use of a nanofiber mesh in a bioassay – such as enzyme linked 
immunosorbent assay (ELISA) or protein purification – there are several notable reports. 
Systems relying on non-specific protein adsorption to polycarbonate electrospun mats or 
doping of biotin or enzymes within polylactic acid, porous silica or polyvinylpyrrolidone 
fibers exhibit improvements over traditional polystyrene surfaces.
127, 241-243
 However, 
systems utilizing covalent or strong non-covalent linkages (e.g., biotin and avidin or 
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streptavidin; Kd≈10-14 to 10-15M)87-88 are more robust and, in general, outperform their 
weaker non-covalent  counterparts.
91, 244
  For example Senecal et al. covalently coupled 
avidin to a prefabricated polyamine and polyurethane copolymer electrospun mesh as 
well as a carboxylated polyvinyl chloride electrospun mesh to detect SEB toxins using a 
modified sandwich ELISA detecting down to ~1 ng/mL (~35 pM) through a post-
electrospinning modification.
90
  Lu et al. covalently coupled biotin to the polymer 
backbone at the monomer level through a biotin modified lysine monomer in a PEG-
PLA-PLL copolymer prior to electrospinning to create covalently bound biotinylated 
meshes for protein immobilization applications. These meshes possessed a high 
streptavidin binding capacity and could subsequently immobilize ~500 ug of biotinylated 
antibody and ~250 ug of antigen per gram of mesh. 
91
   
Therefore, from a design perspective tunable properties at the monomer level are 
attractive when coupled with a versatile polymerization strategy, such as ring opening 
metathesis polymerization (ROMP) using Grubbs catalysts and a chemically diverse 
library of cyclic olefins.
245
 Due to advances in living ROMP catalysts, many different 
oxanorbornene monomers are reported to polymerize or copolymerize to afford 
poly(oxanorbornene)s (PONB)s with differing pendent functional groups and block 
architectures.
245-246
 For example Zoha et al. reported a series of block copolymers 
compatible with acetylene click chemistry (<100 kDa) and Sankaran et al. created 
polymeric micelles from tri-block copolymers containing oligoethylene glycol, biotin, 
and electrochemiluminescent monomers each with low polydispersity indexes (PDIs < 
1.1). Wathier et al. explored the synthesis and use of ROMP polymerized polyanionic 
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PONB polymers with extremely high molecular weights (2500 to 3700 kg/mol) and low 
PDIs (1.2–1.4) as lubricants when dissolved in aqueous solutions.247-248  As these results 
highlight, ROMP enables access to polymers of controlled molecular weights with low 
polydispersity indices and of differing architecture (e.g., block copolymers), while being 
tolerant to a wide range of monomer types.
245, 249-251
 While many poly(oxanorbornene)s 
are described in the literature, few are of high molecular weight (>200 kg/mol)
247-248, 252
 
and to the best of our knowledge, none are reported to produce electrospun nanofiber 
meshes.  
As a first step towards an integrated nanofiber mesh coated biosensor (nanopore, 
nanowire, etc.), it is critical that we identify a family of polymers for fabricating 
bioactive and antifouling nanofiber meshes, and demonstrate the performance of these 
coatings in a bioassay, such as an ELISA. Herein, we describe: 1) the synthesis of a 
family of large molecular weight poly(oxanorbornene) copolymers from three monomers: 
one possessing a butyl side chain, a the second possessing a biotin functionality, and a 
third possessing triethylene glycol side chains; 2) the characterization of the resulting 
meshes; 3) the optimization of the electrospinning parameters; and 4) the performance of 
the nanofiber mesh in an ELISA assay under static and flow conditions. 
5.2 Bioactive and Antifouling Polymer Synthesis 
Advanced, orthogonally tunable biosensor coatings are important for expanding 
the functionality of devices like solid-state nanopores. For example, electrospun 
nanofiber meshes (NFMs) are ideal for coating sensitive biosensors as “smart filters” 
without altering the inherent properties of the sensor since they are porous and have a 
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high surface to volume ratio.
239
  The interplay between mesh solubility, bioactivity, and 
anti-fouling properties are key to the success of NFMs as enhanced biosensor surfaces 
(Figure 5.1). As such, we propose polymeric NFMs designed from the monomer level to 
encompass these traits using three unique 7-oxanorbornene monomers: 1) a 
dicarboxiimide butyl (monomer 1 (M1)); 2) a dicarboxiimide biotin (monomer 2 (M2)); 
and 3) a dicarboxy triethylene glycol (monomer 3 (M3)) providing tunable 
hydrophobicity, bioactivity, and anti-fouling properties, respectively, when polymerized 
into a set of high molecular weight polymers and copolymers (Figure 5.2 and Figure 
5.3).  
5.2.1 Monomer Synthesis 
Each 7-oxanorbornene monomer was synthesized from 7-oxanorbornene 
dicarboxylic exo-anhydride (Alfa Aesar). Monomers M1 and M3 were synthesized 
according to a previously published protocols.
250, 253
 The synthetic route to M2 begins by 
adding a boc-protected ethylene diamine to the 7-oxanorbornene dicarboxylic anhydride 
starting material to produce an intermediate 1 (I1) which was deprotected using 
trifluoroacetic acid (TFA) producing intermediate 2 (I2).
254
 The free amine of I2 was 
reacted with an NHS-functionalized biotin
255
 to produce the biotinylated 7-
oxanorbornene dicarboxiimide M2 (Figure 5.2).  These three monomers provide the 
building blocks for high molecular weight copolymers with tunable hydrophobicity, 
bioactivity, and anti-fouling properties.  
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5.2.3 High Molecular Weight Poly(oxanorbornene) Derivatives 
The fast initiation 3
rd
 generation Grubbs catalyst (Sigma, CAS: 900169-53-1) was 
used to perform a ring opening metathesis polymerization (ROMP) of the monomers into 
high molecular weight (~500 kg/mol), low polydispersity index (PDI<1.5) polymers and 
copolymers (Figure 5.3a, Figure 5.4 and Figure 5.5).
245, 251
 Polymer 1 (P1), 
polymerized from only M1, had a molecular weight of 735 kg/mol with a PDI of 1.16. 
Based on the ease of this initial polymerization, M1 was chosen to be the major 
component of the biotinylated copolymers due to its ease of synthesis, high degree of 
polymerization, and water insolubility. In addition, only relatively small quantities of 
biotinylated monomer must be incorporated into the copolymer backbone to include an 
excess of biotin for bioassay applications where micro-, nano-, or pico-grams of 
biomolecules are being captured and detected. For example, if 20% of the copolymer 
backbone of polymer 2 (P2) includes the biotin monomer (M2) and only 20% (by 
weight) of that copolymer is electrospun with 80% (by weight) of P1 the final biotin 
content of the resulting NFM would be 35 mg of biotin per gram of mesh. Therefore, an 
8:2 ratio of M1 and M2 was copolymerized to produce polymer 2 (P2) with a final 
monomer ratio of ~13:2 (25 mg biotin per gram of mesh) and a molecular weight of 598 
kg/mol with a PDI of 1.44.  When the triethylene glycol containing monomer, monomer 
3 (M3), was polymerized into a homopolymer it became insoluble in organic and 
aqueous solvents before the polymerization completed and formed organogels when 
placed in organic solvents. To correct this solubility issue, a series of copolymer blends 
with M1 and M3 (i.e., polymer 3 (P3)) were polymerized with the following monomer 
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ratios (M1 : M3): 9:1, 8:2, 7:3, 1:1, and 3:7.  The molecular weights, PDIs, monomer 
ratios, and GPC results of these polymers are summarized in Figure 5.4 and Table 5.1 
each consisting of copolymers with ~500–1000 kg/mol molecular weights with the 
exception of the 3:7 ratio which produced a bimodal distribution with molecular weights 
(Mn) of 1,430 kg/mol and 680 kg/mol.  
5.3 Bioactive and Antifouling Nanofiber Mesh Library 
After synthesizing the high molecular weight polymers, a library of electrospun 
meshes were generated using P1 alone (Butyl only NFMs) to identify the key 
electrospinning parameters (voltage, working distance, polymer concentration, solvent 
system, or flow rate) to control fiber diameter (Figure 5.3b). Figure 5.6a illustrates a 
subset of this library demonstrating the effects of increased polymer concentration (2.5% 
to 4.5%) and flow rate (3 mL/hr to 6 mL/hr) on fiber diameter when using a 7:1 
chloroform : methanol solvent system. In general, with increasing polymer concentration 
and flow rate or decreasing distance from the needle tip to the collector there was an 
increase in the average fiber diameter for each NFM. The voltage was tuned to produce a 
stable Taylor cone for each polymer concentration, flow rate, and collecting distance. To 
produce bioactive fibers, we electrospun copolymer blends of P1 and P2 (Butyl-Biotin 
NFMs) at a polymer ratio of 8:2 creating NFMs with covalently bound and accessible 
biotin on the fiber surface which enables the linkage of other biotinylated molecules 
through a streptavidin bridge (Figure 5.3b). 
A library of anti-fouling NFMs was created from each version of P3 with the 
different monomer ratios (M1:M3- 9:1, 8:2, 7:3, 1:1, 3:7). Polymer solutions made from 
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the 9:1, 8:2, and 7:3 P3 copolymers all produced NFMs; however, the copolymers with 
M1:M3 ratios of 1:1 and 3:7 failed to produce uniform NFMs when spun from 7:1 
chloroform : methanol solutions (Figure 5.7).  When more than 30% of the polymer 
backbone consisted of M3, the NFMs failed to maintain a fiber morphology when placed 
in aqueous solutions (Figure 5.8) likely due to the solubility of the triethylene glycol side 
chains in M3. Therefore, to optimize the amount of “anti-fouling” triethylene glycol 
present in the NFM, the copolymer with an 8:2 monomer ratio (M1:M3) was chosen for 
further study (diTEG only NFMs). In addition, a set of anti-fouling and bioactive NFMs 
were created by blending P2 (8:2 M1:M2 monomer ratio) and P3 (8:2 M1:M3 monomer 
ratio) at an 8:2 polymer ratio (P3:P2) to produce NFMs containing both biotin and 
triethylene glycol (diTEG-Biotin NFMs) (Figure 5.3b). The diTEG-Biotin meshes 
were designed to specifically bind streptavidin bridges and subsequently other 
biotinylated molecules but avoid non-specifically binding other macromolecules due to 
the triethylene glycol containing monomers in the copolymer backbone; while the diTEG 
only meshes were designed to prevent protein adsorption in general. The electrospinning 
parameters for each copolymer blend were optimized to produce ~700 nm in diameter 
fibers (Figure 5.6b) and each biotinylated mesh was composed of the same amount of P2 
but with varied concentrations of P1 or P3 to achieve consistent mesh morphologies 
across each mesh type. 
5.4 NFM Bioconjugation Capacity 
The streptavidin binding capacity of the Butyl only, Butyl-Biotin, diTEG only, 
and diTEG-Biotin NFMs were analyzed by applying varying concentrations of 
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fluorescently labeled streptavidin (FITC-streptavidin) and imaging each mesh using a 
confocal microscope. An automated stage was used to generate large mosaic images 
composed of many 10x magnification images stitched together to create a high resolution 
image for each mesh surface (~ 4 mm in diameter) at each FITC-streptavidin 
concentration (n=3). A representative example of these images for the Butyl-Biotin 
meshes is shown in Figure 5.9a. As the FITC-streptavidin concentration increases from 0 
nM to 1 µM, the fluorescence intensity increases across the entire mesh surface (Figure 
5.9a). The average pixel intensity was calculated for each mesh and plotted against FITC-
streptavidin concentration (Figure 5.9b). The biotinylated meshes showed a substantial 
increase in fluorescence signal, even from the lowest FITC-streptavidin concentration (50 
nM), compared to meshes without any biotin content (p<0.01). Furthermore, the specific 
interaction between the biotinylated fibers and the streptavidin molecules was not 
inhibited by the TEGylated fibers as the Butyl-Biotin (solid red squares) and diTEG-
Biotin (solid blue circles) meshes, exhibited equivalent streptavidin binding capacities at 
each FITC-streptavidin concentration. Theoretically, the biotin content per mesh should 
be approximately 1 mM (within the 100 µL volume tested) allowing for a very large 
excess of biotin per streptavidin added. Due to limitations in FITC-streptavidin 
concentration (stock solution: 18 µM), the maximum concentration tested was 1 µM, 
which began to show a plateau of fluorescence signal due to the detector saturating rather 
than saturating the streptavidin binding capacity of the mesh. More importantly, the non-
specific binding of FITC-streptavidin to the Butyl only (open red squares) or diTEG 
only (open blue circles) meshes was minimal indicating the fluorescence signal in the 
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biotinylated meshes is due to the strong interaction between streptavidin and biotin 
(Kd≈10
-14
M).
87-88
  
5.5 Static vs. Dynamic NFM Immunosorbent Assays 
To explore the utility of an anti-fouling and bioactive NFM, we performed a pilot 
ELISA assay using streptavidin to couple biotinylated anti-mouse capture antibodies 
(from a goat) onto the NFM surface to detect a generic mouse IgG. This assay was 
chosen to mimic but simplify a sandwich ELISA performed on a streptavidin coated 
micro-well plate. Typically, a target molecule is detected by first binding the molecule to 
a biotinylated capture antibody (e.g., from a goat) on the streptavidin coated ELISA 
substrate. Then the target is added followed by a second antibody (e.g., from a mouse) 
specific to the target is added and finally the molecule is detected by adding enzyme 
linked secondary antibodies specific for all mouse IgG in the system. The assay 
performed on the NFM substrates is illustrated in Figure 5.10a where the mouse IgG was 
the target molecule being captured and detected by secondary anti-mouse antibodies from 
a goat using a colorimetric HRP assay which produced a yellow signal when exposed to a 
3,3',5,5'-Tetramethylbenzidine (TMB) solution.   
As the concentration of mouse IgG increased from 0 to 250 pM, the colorimetric 
signal produced an absorption increase at 450 nm indicating more mouse IgG was 
captured onto the mesh (Figure 5.10b). There was no difference in signal between the 
Butyl only and Butyl-Biotin meshes at any of the concentrations tested indicating a high 
degree of non-specific binding on the Butyl only mesh. However, there was a statistically 
significant difference (p<0.05, n=4) between the anti-fouling diTEG only and diTEG-
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Biotin meshes from 1 to 250 pM and no difference at 0 pM mouse IgG. The detection 
limits, as defined by the concentration at which the absorbance signal is greater than two 
times the 0 pM signal and is statistically different from 0 pM, for each mesh were 11.5 
pM, 7.5 pM, 40.1 pM, and 56.0 pM for the Butyl-Biotin, diTEG-Biotin, Butyl only, and 
diTEG only, respectively.  The ratio of the specific to non-specific (RO) binding was 
calculated at several concentrations by dividing the absorbance for the bioactive (biotin 
containing) meshes by the absorbance for the non-bioactive meshes for the Butyl (red) 
and diTEG (blue) meshes (Figure 5.10c). Due to the high degree of non-specific binding 
for the Butyl meshes, the ratios is approximately equal to 1 for every concentration; 
however, the anti-fouling properties of the diTEG meshes reduce this non-specific 
binding producing much higher ratios. Therefore, the bioactive and anti-fouling diTEG-
Biotin mesh performed the best with the lowest detection limit and highest specific to 
non-specific binding ratios at each concentration of mouse IgG tested.   
When compared to a traditional streptavidin coated polystyrene 96-well plate, the 
bioactive and anti-fouling meshes only provide an equivalent absorbance signal up to 
approximately 50 pM and fail to achieve the same detection limit of approximately 0.9 
pM. At higher concentrations, the binding capacity of the NFMs becomes a factor even 
when the meshes are incubated with a 500 nM streptavidin solution for 18 hours (Figure 
5.10b). This indicates that the entire mesh surface area is not being utilized under the 
traditional, relatively static, ELISA conditions.  However, an advantage to using a porous 
3-dimensional ELISA substrate compared to a traditional 2-dimensional surface is the 
ability to flow solutions through the material, improving the mixing within the mesh 
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during each step. Figure 5.11 illustrates the advantages of flowing the assay components 
through a mesh compared to using an orbital shaker for the streptavidin-coated plate 
ELISA. Each sample was only exposed to the streptavidin, capture IgG, mouse IgG, and 
HRP-IgG solutions for 10 minutes each rather than an 18 hour streptavidin exposure and 
2 hour capture IgG, mouse IgG, and HRP-IgG exposures in Figure 5.10 for a static 
assay. As a result, the streptavidin coated plate shows a substantial reduction in 
absorbance when detecting 0 pM vs. 100 pM mouse IgG and only a 1.5x increase in 
signal. Under flow conditions, the diTEG-Biotin NFMs exhibit a significantly larger 
difference between the 0 pM and 100 pM signals than the streptavidin coated plates and 
show a statistically different (p<0.05) 2.2x increase in signal indicating a detection limit 
of less than 100 pM for this rapid NFM ELISA and greater than 100 pM for the rapid 
traditional ELISA.  
5.6 Conclusions 
A bioactive and anti-fouling NFM was reported in this chapter with functionality 
built in at the monomer level which showed enhanced selective binding capacity under 
flow compared to traditional 96-well plates. Three 7-oxanorbornene derivatives 
incorporating: 1) tunable solubility; 2) bioactivity (via biotin-streptavidin bridges); and 3) 
anti-fouling properties were synthesized and polymerized into a set of high molecular 
weight polyoxanorbornene copolymers. The blending of these polymers into copolymer 
electrospinning solutions, results in the formation of ~700 nm in diameter NFMs with 
high surface to volume ratios and varying degrees of bioactivity and anti-fouling 
properties. Applying fluorescently labeled streptavidin to each mesh for 18 hours enables 
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the quantification of the streptavidin binding capacity for each NFM that is shown to be 
greater than 1 µM. The bioactive and anti-fouling properties of the NFMs are quantified 
using a simplified ELISA designed to detect varying concentrations of mouse IgG 
through a colorimetric assay. Under static conditions, the detection limit of the bioactive 
and anti-fouling diTEG-Biotin NFM is 7.5 pM for the slow, 26 hour, ELISA compared 
to 0.9 pM for a 2D streptavidin coated 96-well plate. However, under flow for 1 hour, the 
3D, porous NFM produces a substantially higher colorimetric signal and a lower 
detection limit than the 2D, solid, streptavidin coated plate due to the high surface to 
volume ratio and superior mixing under flow conditions through the NFM. These types of 
“smart filters” will play a vital role in advancing rapid diagnostic applications where 
rapidly identifying a key threshold concentration of a target molecule is important.  
5.7 Experimental  
5.7.1 General Procedures and Methods 
All chemicals were purchased from Sigma-Aldrich and used without further 
purification, unless otherwise noted.  Exo-7-Oxabicyclo[2.2.1]hept-5-ene-2,3-
dicarboxylic anhydride was purchased from Alfa Aesar. Solvents used during synthesis 
were dried and distilled under nitrogen atmosphere prior to use (Purification of Common 
Laboratory Chemicals, ISBN: 978-1-85617-567-8). All reactions were performed in 
water-free conditions under nitrogen. All NMR spectra were recorded on Varian Unity 
Plus 400 MHz and Varian Mercury 500 MHz spectrometers. Chemical shifts are reported 
as δ, parts per million, relative to the signal of residual CHCl3 in CDCl3 at 7.26 ppm and 
77.0 ppm. Data are presented as follows: multiplicity (s = singlet, d = doublet, t = triplet, 
  
171 
q = quartet, m = multiplet, br = broad), coupling constant (J/Hz) and integration.  
5.7.2 Monomer 1 (M1) Synthesis  
2-butyl-3a,4,7,7a-tetrahydro-1H-4,7-epoxyisoindole-1,3(2H)-dione (M1): M1 
was synthesized according to a previously published protocol.
253
 Briefly, exo-7-
oxabicyclo[2.2.1]hept-5-ene-2,3-dicarboxylic anhydride ( 10 g, 0.06 mol) was dissolved 
into a 1:1 mixture of dry methanol and tetrahydrofuran (THF)  (100 mL) and cooled to 0 
°C. N-butylamine (6.51 mL, 0.066 mol) was dissolved into a 1:1 mixture of dry methanol 
and THF (10.0 mL) and added drop-wise to the reaction mixture over 30 minutes at 0 °C. 
The reaction mixture was stirred for an additional 30 minutes before heating to 65 °C. 
Under reflux conditions, bis(trimethylsilyl)amine (15.1 mL, 0.072 mol) was added slowly 
to the reaction mixture, which was then run for 18 hours. The reaction mixture was 
washed with saturated NaHCO3, 2 N HCl, brine, dried (MgSO4), and concentrated in 
vacuo. The residue was purified by recrystallization in diethyl ether to afford M1 as a 
white solid (27% yield). 
1
H NMR (400 MHz, CDCl3) (Figure 5.12): δ 0.91 (t, J = 10 Hz; 
3 H, CH3), 1.30 (m, 2 H; CH2), 1.54 (m, 2 H; CH2), 2.83 (s, 2 H; 2 x CH), 3.47 (t, J = 7.5 
Hz; 2 H, CH2), 5.27 (s, 2 H; 2 x CH), 6.51 (s, 2 H; 2 x CH). 
13
C NMR (100 MHz, 
CDCl3) (Figure 5.13): δ 13.6, 19.9, 29.6, 38.8, 47.4, 80.9, 136.5, 176.3. HRMS (ESI) 
m/z calculated for C12H15NO3 [M+H]
+
 222.113, found 222.1126.  
5.7.3 Intermediate 1 (I1) Synthesis  
tert-butyl (2-(1,3-dioxo-1,3,3a,4,7,7a-hexahydro-2H-4,7-epoxyisoindol-2-
yl)ethyl)carbamate (I1): Using a modified protocol,
254
 I1 was synthesized by dissolving 
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mono-protected N-Boc-ethylenediamine (4.80 g, 0.03 mol) into a 1:1 mixture of 
methanol and THF with triethylamine (6.27 mL, 0.045 mol) and cooled to 0 °C. Exo-7-
oxabicyclo[2.2.1]hept-5-ene-2,3-dicarboxylic anhydride (5.00 g, 0.03 mol) was dissolved 
into a 1:1 mixture of methanol and THF and added drop-wise to the reaction mixture. The 
reaction mixture was then allowed to warm up to room temperature and was run for 4 
hours. Next, the reaction mixture was heated to 60 °C, followed by an addition of acetic 
anhydride (4.25 mL, 0.05 mol) and it was run for 20 hours. The solvent was removed and 
the crude material was dissolved in DCM and washed with saturated NH4Cl, brine, dried 
(Na2SO4) and concentrated in vacuo. The residue was purified by chromatography on 
silica gel (5% MeOH/DCM) to afford the desired product as a white powder (57% yield).
 
1
H NMR (400 MHz, CDCl3) (Figure 5.14): δ 1.43 (s, 9 H, 3 x CH3), 2.87 (s, 2 H, 2 x 
CH), 3.32 (t, J = 6 Hz, 2 H, CH2), 3.64 (t, J = 6 Hz, 2 H, CH2), 5.28 (s, 2 H, 2 x CH2), 
6.53 (s, 2 H, 2 x CH2).  
13
C NMR (125 MHz, DMF-d6) (Figure 5.15): δ 27.9, 37.7, 38.4, 
47.6, 77.9, 80.9, 136.6, 156.1, 176.6.  MS (ESI) m/z calculated for C15H20N2O5 
([M+Na]
+
) 331.13, found 331.1.  
5.7.4 Intermediate 2 (I2) Synthesis 
 2-(1,3-dioxo-1,3,3a,4,7,7a-hexahydro-2H-4,7-epoxyisoindol-2-yl)ethan-1-
aminium (I2): Compound I1 (2.50 g, 0.01 mol) was dissolved into DCM and cooled to 0 
°C. Trifluoroacetic acid (12.3 mL, 0.16 mol) was added to the reaction mixture which 
was then stirred for 1 hour and allowed to reach room temperature. The reaction mixture 
was concentrated and triturated with cold diethyl ether to yield a white powder (91% 
yield). 
1
H NMR (500 MHz, DMSO-d6) (Figure 5.16): δ 2.92 (m, 4 H, 2 x CH and CH2), 
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3.60 (t, J = 6 Hz, 2 H, CH2), 5.13 (s, 2 H, 2 x CH), 6.55 (s, 2 H, 2 x CH), 7.80 (br s, 2 H, 
NH2).  
13
C NMR (125 MHz, DMF-d6) (Figure 5.17): δ 36.1, 37.5, 47.9, 80.9, 136.6, 
176.8. MS (ESI) m/z calculated for C10H13N2O3 ([M]
+
) 209.09, found 209.1.   
5.7.5 Monomer 2 (M2) Synthesis 
N-(2-(1,3-dioxo-1,3,3a,4,7,7a-hexahydro-2H-4,7-epoxyisoindol-2-yl)ethyl)-5-
((3aS,4S,6aR)-2-oxohexahydro-1H-thieno[3,4-d]imidazol-4-yl)pentanamide (M2): 
Compound I2 (1.26 g, 0.003 mol) was dissolved with N,N-diisopropylethylamine (1.37 
mL, 0.01 mol) into a mixture of 2:1 chloroform and isopropanol. NHS-activated biotin 
(1.34 g, 0.004 mol) was added to the reaction mixture and stirred for 18 hours. After the 
reaction was complete, the solvent was removed and the crude material was purified 
using a modified protocol.
250
 Briefly, column chromatography on neutral alumina using a 
gradient of DCM, MeOH, and acetone from 9:0:1 to 8:1:1 was used to isolate M2 as a 
white powder (53% yield). 
1
H NMR (500 MHz, DMF-d6) (Figure 5.18): δ 1.41 (m, 2 H, 
CH2), 1.58 (m, 2 H, CH2), 1.74 (m, 2 H, CH2), 2.11 (t, J = 7.5 Hz, 2 H, CH2), 2.71 (d, J = 
10 Hz, 1 H, CH), 2.92 (d, J = 5.0 Hz, 1H, CH), 2.96 (s, 2 H, 2 x CH), 3.21 (m, 1 H, CH), 
3.32 (m, 2 H, CH2), 3.53 (m, 2 H, CH2), 4.30 (t, J = 5.0 Hz, 1 H, CH), 4.47 (t, J = 5.0 Hz, 
1 H, CH), 5.15 (d, J = 5.0 Hz, 2 H, 2 x CH), 6.35 (br s, 1 H, NH), 6.43 (br s, 1 H, NH), 
6.60 (s, 2 H, 2 x CH), 7.79 (t, J = 5.0 Hz, 1 H, NH).  
13
C NMR (125 MHz, DMF-d6) 
(Figure 5.19): δ 26.8, 29.7, 29.8, 36.8, 37.7, 39.4, 41.5, 57.1, 61.3, 62.8, 82.2, 137.9, 
164.4, 174.0, 178.0. HRMS (ESI) m/z calculated for C20H26N4O5S ([M+H]
+
) 435.1702, 
found 435.1715. 
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5.7.6 Monomer 3 (M3) Synthesis 
bis(2-(2-(2-methoxyethoxy)ethoxy)ethyl) 7-oxabicyclo[2.2.1]hept-5-ene-2,3-
dicarboxylate (M3): M3 was synthesized according to a previously published protocol.
250
 
Briefly, exo-7-oxabicyclo[2.2.1]hept-5-ene-2,3-dicarboxylic anhydride (1.66 g, 0.01 mol) 
was dissolved in DCM. Triethylene glycol monomethyl ether (3.50 mL, 0.02 mol), 2-
chloro-1-methylpyridinium iodide (3.06 g, 0.01 mol), dimethylaminopryridine (0.49 mg, 
0.004 mol,), and triethylamine (4.2 mL, 0.03 mol,) were added to the reaction mixture, 
which was refluxed at 40 °C for 48 hours. The reaction mixture was cooled to room 
temperature and then washed with DI water, 0.1 N HCl, brine and concentrated in vacuo. 
The residue was purified by chromatography on SiO2 (2% MeOH/DCM) to afford a 
yellow liquid (74% yield). 
1
H NMR (500 MHz, CDCl3) (Figure 5.20): δ 2.80 (s, 2H, 2 x 
CH), 3.33 (s, 6 H, 2 x CH3), 3.51 (t, J = 5.0 Hz, 4 H, 2 x CH2), 3.60 (m, 12 H, 6 x CH2), 
3.64 (t, J = 5.0 Hz, 4 H, 2 x CH2), 4.15 (m, 2 H, CH2), 4.27 (m, 2 H, CH2), 5.22 (s, 2 H, 2 
x CH), 6.42 (s, 2 H, 2 x CH).  
13
C NMR (125 MHz, CDCl3) (Figure 5.21): δ 46.7, 59.0, 
64.1, 68.9, 70.5, 71.9, 80.6, 136.6, 171.4. HRMS (ESI) m/z calculated for C22H36O11 
([M+Na]
+
) 499.2155, found 499.2133. 
5.7.7 Polymer 1 (P1) Synthesis 
Synthesis of poly(oxanorbornene-dicarboximide-butyl) (Polymer 1) (P1): M1 
(1.00 g, 0.005 mol) was dissolved in THF, followed by the addition of the 3
rd
 generation 
Grubbs catalyst (1.77 g, 0.002 mmol). The reaction was stirred for 3 hours and was then 
quenched by adding ethyl vinyl ether (3.00 mL, 0.03 mol) and stirring for 30 minutes. 
The Grubbs catalyst was removed by adding a scavenger, N-acetyl cysteine (1.00 mg, 
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.006 mmol), and stirring for 30 minutes.
256
 The resulting residue was precipitated into 
cold MeOH and filtered to yield a white solid (96% yield). 
1
H NMR (500 MHz, CDCl3) 
(Figure 5.22): δ 0.93 (br s., 3 H, CH3), 1.31 (m, 2 H, CH2), 1.55 (m, 2H, CH2), 3.33 (m, 2 
H, CH2), 3.47 (br s, 2 H, 2 x CH), 4.46 (m, 1 H, CH), 5.00 (m, 1 H, CH), 5.78 (m, 1 H, 
CH), 6.08 (m, 1 H, CH).  
13
C NMR (125 MHz, CDCl3) (Figure 5.23): δ 13.6, 20.0, 38.7, 
52.4, 53.4, 81.1, 131.0, 175.7.  GPC (THF): Mn = 745 kg/mol, Mw = 864 kg/mol, PDI= 
1.16. DSC: Tg = 124 °C. 
5.7.8 Polymer 2 (P2) Synthesis 
Synthesis of poly(oxanorbornene-dicarboximide-butyl-co-biotin) (Polymer 2) 
(P2): M1 (275 mg, 1.24 mmol) and M2 (135 mg, 0.31 mmol) were dissolved in a 1:1 
mixture of DCM and isopropanol. The 3
rd
 generation Grubbs catalyst (0.724 mg, 0.00082 
mmol) was added to the reaction mixture. The reaction was stirred for 3 hours, followed 
by quenching with ethyl vinyl ether (3.00 mL 0.03 mol) and stirring for 30 minutes. The 
Grubbs catalyst was removed by adding a scavenger, N-acetyl cysteine (1.00 mg, 6.12E-6 
mol), and stirring for 30 minutes.
256
 The residue was precipitated in cold diethyl ether and 
filtered. Then the resulting residue was dissolved in DCM, precipitated in cold MeOH 
and filtered to afford a white solid (72% yield). 
1
H NMR (500 MHz, DMF-d6) (Figure 
5.24) was used to identify an 84.5% M1 to 15.4% M2 ratio in the polymer backbone 
(theoretical: 80% M1, 20% M2) by comparing the integration of A (2.71 H, one CH3 of 
the butyl group) to the integration of B (0.33 H, CH2 alpha to the amide), which should 
theoretically be in the ration of 2.4 to 0.4, respectively. δ 0.90 (br. s., 2.4 H, CH3), 1.29 
(br. s., 2 H, CH2), 1.52 (br. s., 2 H, CH2), 2.11 (br. s., 0.4 H, CH), 3.48 (m, 5 H), 4.49 (m, 
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1 H, CH), 5.02 (m, 1 H, CH), 5.84 (br. s., 1 H, CH), 6.09 (br. s., 1 H, CH).    
13
C NMR 
(125 MHz, CDCl3) (Figure 5.25): δ 13.3, 19.8, 25.5, 28.4, 35.6, 38.1, 40.2, 52.8, 53.8, 
54.8, 55.9, 60.0, 61.5, 77.4, 80.8, 131.6, 176.1 .  GPC (DMF+LiBr):  Mn = 598 kg/mol, 
Mw = 861 kg/mol, PDI= 1.44. DSC: Tg = 138.4 °C. 
5.7.9 Polymer 3 (P3) Synthesis 
Synthesis of poly(oxanorbornene-dicarboximide-butyl-co-di-triethyleneglycol-
mono-methylester) (Polymer 3) (P3): M1 (320 mg, 1.44 mmol) and M3 (172 mg, 0.36 
mmol) were dissolved in THF, followed by the addition of the 3rd generation Grubbs 
catalyst (0.87 mg, 0.00098 mmol).The reaction mixture was stirred for 3 hours, followed 
by quenching with adding ethyl vinyl ether (3.00 mL, 0.03 mol) and stirring for 30 
minutes. The Grubbs catalyst was removed by adding a scavenger, N-acetyl cysteine 
(1.00 mg, 6.12E-6 mol), and stirring for 30 minutes.
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 The residue was precipitated in 
cold MeOH and filtered to yield a white solid (71% yield).
1
H NMR (500 MHz, CDCl3) 
(Figure 5.26)  was used to identify an 78.9% M1 to 21.1% M3 monomer ratio in the 
polymer backbone (theoretical: 80% M1, 20% M3) by comparing the integration of A 
(2.85 H, CH3 of the n-butyl group) to the integration of B (1.52 H, terminal CH3 of the di-
TEG), which should theoretically be in the ration of 2.4 to 1.2, respectively. δ 0.93 (br. s., 
2.1 H, CH3), 1.31 (br. s., 2 H, CH2), 1.54 (br. s., 2 H, CH2), 3.32 (m, 2 H, CH2), 3.36 (br. 
s., 1.8 H, CH3), 3.47 (br. s., 2 H, CH2), 3.35 (br. s., 1 H, CH), 3.64 (m, 3 H, CH3), 4.20 
(m, 1 H, CH), 4.45 (br. s., 1 H, CH), 5.02 (m, 1 H, CH), 5.78 (m, 1 H, CH), 6.07 (m, 1 H, 
CH).  
13
C NMR (125 MHz, CDCl3) (Figure 5.27): δ 13.6, 20.0, 29.7, 38.7, 52.4, 53.2, 
53.4, 59.0, 64.2, 68.8, 70.4, 70.5, 70.6, 71.9, 81.0, 131.3, 154.7, 170.2, 175.7. GPC 
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(THF): Mn= 756 kg/mol, Mw = 899 kg/mol, PDI= 1.19. DSC: Tg = 54.8 °C (8:2 monomer 
ratio). 
5.7.10 Gel Permeation Chromatography (GPC) 
Polymer molecular weight distributions were determined using gel permeation 
chromatography (GPC) with either tetrahydrofuran (THF) or dimethylformamide (DMF) 
with 0.05 M lithium bromide (LiBr) eluents. The THF experiments were run at 1 mL per 
minute using Jordi Gel DVB 10
5
 and 10
4 
columns (10 x 250 mm) in series compared to 
polystyrene standards (Agilent, EasiCal PS1, PL2010-0501). The DMF experiments were 
run at 1 mL per minute using a Waters Styragel column (HR5E DMF, 7.8 x 300 mm) 
compared to the same polystyrene standards as the THF experiments. Refractive index 
detectors were used to detect the polymers: 1) THF: Wyatt Technology, Optilab DSP 
Interferometric Refractometer and 2) DMF: Varian, Prostar 355 RI detector.  
5.7.11 Mass Spectrometry 
Low-resolution mass spectrometry data were collected on an Agilent LC/MSD 
VL system by electrospray (ESI) flow injection analysis in the positive mode. The MS 
settings were: voltage: 3000V, fragmentor = 70 and chamber temperature= 350 °C. High 
resolution mass spectrometry data was obtained on a Waters Qtof (hybrid 
quadrupolar/time-of-flight) API US system by electrospray (ESI) in the positive mode. 
External references from Waters Lockspray accessory were used to correct the mass. The 
MS settings were: capillary voltage = 3 kV, cone voltage = 35, source temperature = 120 
°C and dissolvation temperature = 350 °C.  
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5.7.12 Differential Scanning Calorimetry (DSC) 
A TA DSC Q100calorimeter was used to determine the glass transition 
temperature (Tg) of the polymers. The samples were heated to 250 °C at 10°C/min and 
isothermed for 5 minutes, cooled to -40°C at 10°C/min and isothermed for 5 minutes, and 
this protocol was repeated 2 more times to eliminate any phase memory in the polymer 
sample. The data was stored on the 3
rd
 cycle. 
5.7.13 Electrospinning 
A custom built electrospinner was used to spin polymeric meshes using a high 
voltage source, rotating/translating grounded drum, and a syringe pump used to control 
the flow rate of the polymer solutions flowing through the charged needle tip. Voltages 
ranging from 0 to 20 kV were possible as well as tip to collector distances ranging from 0 
to 24 cm. All electrospun meshes were produced at either 3 or 6 mL/hr flow rates using 
20 gauge blunt tipped needles. The remaining spinning parameters are outlined in Table 
5.2 for each polymer blend tested.  
5.7.14 Confocal Microscopy 
The surface available biotin content of each the electrospun meshes was 
quantified using different concentrations of fluorescein isothiocyanate labeled 
streptavidin (FITC-streptavidin) using a Leica DMI6000 B confocal microscope 
equipped with a Nipkow (CSU-X1) spinning disk (Yokogawa) and a Hamamatsu 
ImagEM EMCCD camera imaging through a 10x objective. The samples were excited 
using a Coherent Sapphire laser at 488 nm and fluorescent images were captured using a 
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Chroma ET bandpass 525/50 filter to capture the 529 nm wavelength emission from the 
FITC-streptavidin.   An automated stage controlled via a µManager plugin for ImageJ 
(Version 1.45, NIH)
180
 was used to capture a montage of images and a custom Matlab 
script was used to create a single image of the entire mesh composed of many 10x images 
stitched together.  ImageJ was used to manually segment each mesh as well as an internal 
blank space within each image to establish the average background fluorescence for each 
image.  
5.7.15 Static Enzyme Linked Immunosorbent Assay (ELISA) 
A generic ELISA assay was performed on the electrospun mesh substrates and a 
streptavidin coated 96-well plate (Pierce, cat. # 15125) through the sequential addition of 
the following solutions (each 100 µL): 1) 500 nM streptavidin (Sigma, S3762) (18 
hours); 2) 3.125 nM anti-mouse IgG from goat (abcam, ab6788) (2 hours); 3) varying 
concentrations of mouse IgG (abcam, ab37355) ranging from 0 to 250 pM (0 to 32 
ng/mL) (2 hours); 4) 2 nM anti-mouse IgG functionalized with the enzyme horseradish 
peroxidase (HRP) (abcam, ab6789) (2 hours); 5) a solution of 3,3’,5,5’-
tetramethylbenzidine (TMB) (abcam, ab171522); and 6) a 450 nm stop solution for TMB 
substrates (abcam, ab171529). Between each binding step (1 to 4), the meshes were 
washed with 200 µL of 1x tris buffered saline solution containing 0.05% tween 20. A 
blocking buffer consisting of phosphate buffered saline (PBS) and 0.1% bovine serum 
albumin (BSA) was used as the solvent for each solution to minimize non-specific 
binding events. After step 6, 175 µL of the colorimetric readout was placed into a 96 well 
plate and a Beckman Coulter AD 340 plate reader was used to measure the absorbance of 
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each solution at 450 nm. The detection limit of each condition was defined as the lowest 
concentration that had a signal to noise ratio of 2 and was statistically different from the 
absorbance value at 0 pM for each mesh (Student’s t-test).  The signal to noise ratio (S/N) 
was calculated by generating a linear regression of each average absorbance value (n=4) 
and dividing each point along the regression by the absorbance at 0 pM for each mesh.  
5.7.16 ELISA Under Flow 
The same steps were performed as in the static ELISA except each binding event 
only lasted for 10 minutes instead of 18 hours for the streptavidin binding and 2 hours for 
the antibody binding. The streptavidin-coated plates were placed on an orbital shaker 
during each step. The NFMs were placed into an Avanti Mini-Extruder (Avanti, cat. # 
610000) and each antibody binding step was performed using the same order, 
concentration, and volume as in the static ELISA protocol, except the solution was 
pushed through the mesh back-and-forth at approximately 1 Hz for 10 minutes.  The total 
assay time was approximately 1 hour. 
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Table 5.1 GPC summary for polymers 
Sample 
Target MW 
(kg/mol) 
Mn 
(kg/mol) 
PDI 
Monomer 
conversion 
Monomer % 
(M1 to M2 or M3) 
Polymer 1 500 735 1.16 96% - 
Polymer 2 
(8:2 M1:M2 ratio) 
500 598 1.44 72% 86.6% to 13.4% 
Polymer 3 
(9:1 M1:M3 ratio) 
500 439 1.11 85% 85.2% to 14.8% 
Polymer 3 
(8:2 M1:M3 ratio) 
500 756 1.19 89% 80.1% to 19.9% 
Polymer 3 
(7:3 M1:M3 ratio) 
500 619 1.23 83% 74.6% to 25.4% 
Polymer 3 
(1:1 M1:M3 ratio) 
500 1,037 1.16 70% 61.0% to 39.0% 
Polymer 3 
(3:7 M1:M3 ratio) 
500 
1,428 + 
678 
1.02 + 
1.01 
68% 40.3% to 60.7% 
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Table 5.2  Electrospinning summary 
Polymer Blend 
Polymer 
ratio 
Solvent 
Weight 
% 
Voltage 
(kV) 
Distance 
(cm) 
Flow rate 
(mL/hr) 
Fiber diameter 
(avg. ± stdev.) (nm) 
Bead diameter 
(avg. ± stdev.) (nm) 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
2.5 9 9 3 340.1 ± 112.3 4629.2 ± 1441.6 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
3.5 7.5 9 3 395.7 ± 113.3 7010.0 ± 1253.6 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
4.5 8.5 9 3 531.0 ± 108.7 7628.0 ± 2661.3 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
3.5 10.5 9 6 507.9 ± 91.6 7104.0 ± 2609.0 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
4.5 10 9 6 739.3 ± 149.0 9250.2 ± 4743.7 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
3.5 12.5 13 3 495.3 ± 99.4 5380.2 ± 1702.4 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
4.5 11 13 3 556.0 ± 179.6 7746.9 ± 1494.9 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
3.5 15 13 6 554.8 ± 113.4 5808.5 ± 1692.1 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
4.5 13 13 6 644.3 ± 132.1 6447.4 ± 2945.8 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
3.5 15.5 19 3 487.6 ± 1318 7898.8 ± 1857.1 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
4.5 14.5 19 3 488.5 ± 128.9 6621.4 ± 1989.6 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
3.5 20 19 6 343.3 ± 141.7 6019.7 ± 1017.9 
Polymer 1 - 
7:1 Chloroform : 
Methanol 
4.5 17 19 6 614.9 ± 124.1 7534.9 ± 2170.1 
Polymer 1 +  
Polymer 2 
7:3 
7:1 Chloroform: 
Methanol 
2.5 10 10 3 567.3 ± 170.9 5666.2 ± 1103.5 
Polymer 1 +  
Polymer 2 
8:2 
7:1 Chloroform: 
Methanol 
4.25 10 10 6 694.3 ± 159.3 5666.2 ± 1103.5 
Polymer 3 (8:2 - 7:1 Chloroform: 5.5 13.5 9 3 512.6 ± 161.7 5236.7 ± 1652.8 
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monomer ratio) Methanol 
Polymer 3 (8:2 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
5.5 15 13 3 411.3 ± 131.5 5092.8 ± 912.9 
Polymer 3 (8:2 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
5.5 11.5 9 6 577.2 ± 80.9 5280.3 ± 2310.8 
Polymer 3 (8:2 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
5.5 15 13 6 471.9 ± 73.0 3764.2 ± 1019.8 
Polymer 3 (8:2 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
6.7 12.5 9 3 723.4 ± 133.2 5152.7± 1226.5 
Polymer 3 (8:2 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
6.7 15 13 3 638.3 ± 97.1 3260.9 ± 1367.9 
Polymer 3 (8:2 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
6.7 13 9 6 652.9 ± 130.5 4898.9 ± 1784.7 
Polymer 3 (8:2 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
6.7 15 13 6 659.0 ± 92.3 3307.9 ± 975.2 
Polymer 3 (7:3 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
2.5 9 9 3 745.0 ± 111.2 None 
Polymer 3 (1:1 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
2.5 9 8 3 
Film 
(no fibers) 
None 
Polymer 3 (1:1 
monomer ratio) 
- 
7:1 Chloroform: 
Methanol 
2.5 9 8 3 
Film 
(no fibers) 
None 
Polymer 3 (8:2 
monomer ratio) + 
Polymer 2 
8:2 
7:1 Chloroform : 
Methanol 
6 13.5 13 6 709.4 ± 240.1 5651.0 ± 1641.1 
Polymer 3 (7:3 
monomer ratio) + 
Polymer 2 
7:3 
7:1 Chloroform : 
Methanol 
2.5 9 10 3 925.6 ± 140.0 None 
  
1
8
4
 
PONB Polymer 3 (7:3 
monomer ratio) + 
Polymer 2 
7:3 
7:1 Chloroform : 
Methanol 
2.28 7.5 13 3 707.5 ± 178.4 None 
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Figure 5.1 A schematic diagram of a tunable nanofiber mesh (NFM) composed of 
polymer blends of poly(oxanorbornene) derivatives with tailored properties for an 
enzyme linked immunosorbent assay: Red) water insoluble butyl side chains; Blue) 
bioactive side chains via biotin (blue) to streptavidin (orange) to biotinylated antibody 
(purple) bridges enabling the detection of a target molecule (yellow/purple) using an 
enzyme linked antibody (yellow) reporter; Green) anti-fouling side chains using 
triethylene glycol units to prevent non-specific protein binding (brown). (Inset) Scanning 
electron microscopy image of a poly(oxanorbornene) nanofiber mesh. (scale bar = 5 µm) 
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Figure 5.2 Synthesis of 7-oxanorbornene derivatives with hydrophobic (M1), 
bioactive (M2), and anti-fouling (M3) functionality.  
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Figure 5.3 a) Polymer synthesis using a 3rd generation Grubbs catalyst and various 
combination of monomer M1, M2, and M3 to create polymers P1, P2, P3. P1 is 
composed entirely of M1, P2 has a bioactive biotin side chain and is composed of M1 
and M2, and P3 has anti-fouling triethylene glycol side chains and is composed of M1 
and M3. b) Schematic diagram of electrospinning solutions for the Butyl only (P1), 
Butyl-Biotin (P1 + P2), diTEG only (P3), and diTEG-Biotin (P3 + P2) NFMs.   
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Figure 5.4 GPC results for the Polymer 1 (P1) and Polymer 3 (P3) polymers using 
THF as an eluent. 
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Figure 5.5 GPC results for the Polymer 2 (P2) using DMF as an eluent. 
  
  
190 
 
Figure 5.6 a) Representative electrospinning parameter optimization for the Butyl 
only polymers varying fiber diameter: i) 340 ± 112 nm, ii) 395 ± 113 nm, iii) 531 ± 108 
nm, iv) 739 ± 149 nm by altering the polymer concentration and flow rate at a 9 cm 
working distance: i) 2.5%, 3mL/hr, ii) 3.5%, 3mL/hr, iii) 4.5%, 3mL/hr, iv) 4.5%, 
6mL/hr. b) Optimized nanofiber meshes with approximately the same fiber diameters: i) 
Butyl-Biotin mesh 694 ± 159 nm, ii) diTEG-Biotin mesh 709 ± 240 nm, iii) Butyl only 
mesh 654 ± 138 nm, iv) diTEG only mesh 652 ± 130 nm. (One-way ANOVA, p=0.534 
between the four NFM types, n=20 fibers per mesh type) (scale bars = 5 µm) 
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Figure 5.7 SEM images of Polymer 3 meshes at 7:3, 1:1, and 3:7 M1:M3 monomer 
ratios. When the M3 monomer ratio increases above 30%, fibers no longer form and 
electrospinning only results in a film when using 7:1 chloroform : methanol solutions. 
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Figure 5.8 Effect of exposing Polymer 3 NFMs to phosphate buffered saline (PBS) 
for 1 hour. The 7:3 M1:M3 fibers fuse together when exposed to PBS buffer eliminating 
a lot of the mesh porosity. 
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Figure 5.9 a) Confocal microscopy mosaic images of Butyl-Biotin meshes exposed 
to 0 nM, 50 nM, 100 nM, 250 nM, 500 nM, and 1 µM FITC-Streptavidin (scale bar = 1 
mm). b) Quantitative pixel analysis of the confocal images for the Butyl-Biotin meshes 
(solid red squares), diTEG-Biotin meshes (solid blue circles), Butyl only meshes (empty 
red squares), and diTEG only meshes (empty blue circles) measuring the average pixel 
intensity for each mosaic image. (n=3 meshes, Avg ± StDev) 
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Figure 5.10 a) Schematic diagram of the enzyme linked immunosorbent assay 
(ELISA) performed on the PONB nanofiber meshes using streptavidin bridges to connect 
the biotinylated surface to a biotinylated anti-mouse IgG. A generic mouse IgG was used 
as the target molecule and an anti-mouse IgG conjugated to a horseradish peroxidase 
(HRP) was used as a colorimetric reporter when exposed to the substrate (3,3',5,5'-
Tetramethylbenzidine (TMB)). b) Absorbance measurements (at 450 nm) of the TMB 
solution after exposure to the meshes. Butyl-Biotin meshes (solid red squares), diTEG-
Biotin meshes (solid blue circles), Butyl only meshes (empty red squares), diTEG only 
meshes (empty blue circles) and a streptavidin coated plate control (solid green 
diamonds) (Thermo Scientific) were analyzed at mouse IgG concentrations ranging from 
0 pM to 250 pM with detection limits of 11.5 pM, 7.5pM, 40.1pM, 56.0 pM, and 0.9 pM,  
respectively (Detection limit: S/N ≥ 2 and p<0.05). c) The specific vs. non-specific 
binding ratio (R0) was determined by comparing the Butyl-Biotin to the Butyl only 
meshes (red) and the diTEG-Biotin to the diTEG only meshes (blue). (* p<0.05, ** 
p<0.001) (n=4) 
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Figure 5.11 Comparison of a standard static streptavidin coated plate (green) ELISA 
on an orbital shaker to a diTEG-Biotin mesh (blue) ELISA under flow conditions for 10 
minutes per binding event with a total assay time of 1 hour. (* p<0.05, ** p<0.01) 
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Figure 5.12 Monomer 1 (M1) 
1
H NMR. 
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Figure 5.13 Monomer 1 (M1) 
13
C NMR. 
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Figure 5.14 Intermediate 1 (I1) 
1
H NMR. 
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Figure 5.15 Intermediate 1 (I1) 
13
C NMR. 
  
  
200 
 
Figure 5.16 Intermediate 2 (I2) 
1
H NMR. 
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Figure 5.17 Intermediate 2 (I2) 
13
C NMR. 
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Figure 5.18 Monomer 2 (M2) 
1
H NMR. 
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Figure 5.19 Monomer 2 (M2) 
13
C NMR. 
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Figure 5.20 Monomer 3 (M3) 
1
H NMR. 
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Figure 5.21 Monomer 3 (M3) 
13
C NMR. 
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Figure 5.22 Polymer 1 (P1) 
1
H NMR. 
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Figure 5.23 Polymer 1 (P1) 
13
C NMR. 
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Figure 5.24 Polymer 2 (P2) (8:2 M1:M2 ratio) 
1
H NMR. 
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Figure 5.25 Polymer 2 (P2) (8:2 M1:M2 ratio) 
13
C NMR. 
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Figure 5.26 Polymer 3 (P3) (8:2 M1:M3 ratio) 
1
H NMR. 
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Figure 5.27 Polymer 3 (P3) (8:2 M1:M3 ratio) 
13
C NMR. 
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6. Towards the Development of a Capture and Release Immunosorbent Assay 
 Traditional immunosorbent assays using colorimetric or fluorescent-based 
reporters are widely successful as diagnostic tools for biomarker detection. However, 
sacrifices in detection limit and dynamic range are often necessary while optimizing a 
particular assay.
257
 To date there are no immunosorbent assays using single molecule 
reporting strategies, such as solid state nanopores, which could address both limitations 
simultaneously. This chapter outlines a novel immunosorbent assay strategy using a solid 
state nanopore to identify a reporter protein’s concentration in solution. The reporter 
protein’s concentration is proportional to the concentration of any target molecule 
captured by an immunosorbent assay using stimuli responsive crosslinkers to selectively 
release the reporter protein from the solid support after a target molecule is captured. The 
combination of the work presented in Chapter 5 and the advances made in Chapter 6 
afford a new protein biosensor composed of a target specific NFM capture element and a 
highly sensitive NP detector with a low detection limit (pM) and a large dynamic range 
(5 orders of magnitude).  
6.1 Capture and Release Immunosorbent Assay 
There is an increasing demand for miniaturized, rapid, and accurate diagnostic 
tools to improve both central lab and point of care diagnostic assays. Bioassays designed 
to identify and quantify protein biomarkers for diseases ranging from diabetes to cancer 
often rely on a combination of a solid support and an immunosorbent assay to selectively 
capture the molecules of interest and wash the unwanted materials from the device. Once 
the target molecule is captured, various reporting strategies are used to quantify the target 
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molecule concentration on the solid support. However, traditional immunosorbent assay 
reporters, such as colorimetric assays or fluorescence detection, (fluorophores or quantum 
dots) are often limited by either their dynamic range or detection limits. Previous work in 
the Grinstaff and Meller laboratories has demonstrated the advantages of coupling a NFM 
to a NP for improved nucleic acid sensing (Chapter 4) where the NFM does not affect the 
electrical properties of the NP but does interact with the analyte of interest to improve the 
NP’s ability to sense the target molecule.  
Building off of this orthogonally tunable concept, a capture and release 
immunosorbent assay (CRISA) is being developed which utilizes a smart NFM that 
captures a specific target molecule through an immunosorbent assay (Chapter 5), a 
stimuli responsive crosslinker which enables the release of a reporter protein (avidin) into 
solution on-demand, and a sensitive nanopore biosensor which identifies protein 
concentration via a translocation event frequency (Figure 6.1). Nanofiber meshes with 
high surface area to volume ratios and tunable chemical properties will enhance the 
specificity and binding capacity of existing target specific antibodies by simply providing 
more surface area for the capture antibodies to bind the analyte of interest. Nanopores are 
highly sensitive and can detect protein concentrations ranging from picomolar to 100’s of 
nanomolar concentrations. By designing a stimuli responsive crosslinker, a generic 
protein reporter is released from the solid support into the nanopore chamber at a 
concentration directly proportional to the concentration of any target molecule, 
simplifying the nanopore optimization to only identifying one type of protein. By simply 
altering the antibodies used in the assay, any target molecule ranging from a small 
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molecule drug to a large protein is compatible with the same NP-NFM CRISA method.  
6.2 Thiol-Thioester Exchange Cleavable Biotinylated Crosslinkers 
 One stimuli responsive release strategy for the CRISA method entails using the 
nucleophilic attack between a thiol and a thioester bond, known as a 
transthioesterification or a thiol-thioester exchange, to cleave a crosslinker into two 
molecules. This reaction is used as a first step in the two step process known as native 
chemical ligation where an N-terminal cysteine of a peptide is reacted with a C-terminal 
thioester to first form an intermediate thioester which can rearrange to form a stable 
amide bond between the two peptides.
258
 Since the C-terminal thioesters are somewhat 
unreactive, the rate of the reaction is substantially improved when nucleophilic thiols 
(e.g., benzyl mercaptan, 4-mercaptophenylacetic acid, and 2-mercaptoethanesulfonate) 
are added as catalysts to increase the rate of the thiol-thioester exchange by acting as 
better leaving groups than the original thioester thus increasing the rate of coupling 
between the two peptides.
259-260
 While the thiol-thioester exchange is reversible, a large 
excess of any of these “catalysts” added to a thioester mixture results in the cleavage of 
the thioester into a free thiol and a new thioester terminated by the catalyst group (Figure 
6.2). In this way, the thiol-thioester exchange is used as a chemical trigger to separate two 
sides of a crosslinker connected through a thioester linkage (Figure 6.2 and Figure 6.3).  
 To facilitate the on-demand release of avidin into solution for subsequent 
nanopore detection, stimuli responsive crosslinkers are synthesized to connect avidin to a 
target specific antibody (Figure 6.3). Each crosslinker is terminated by a biotin on one 
side and a protein reactive moiety on the other connected through a labile bond and a 
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spacer to separate the two proteins sterically. Maleimide moieties are often incorporated 
into antibody binding crosslinkers since they are highly reactive with the free thiols on 
mildly reduced (reduced disulfide bridges) antibodies.
261
  Herein we describe the 
synthesis and characterization of two thioester containing biotin and maleimides 
terminated crosslinkers with variable spacer lengths (Figure 6.4).  
6.2.1 First Generation 
 The first iteration of the thioester containing crosslinker was designed using a 
single poly(ethylene glycol) (PEG) spacer with a molecular weight of approximately 
3,400 g/mol and ~77 monomer repeats. The molecule was synthesized by first reacting an 
NHS-activated biotin with thioglycolic acid under slightly basic conditions to produce 
Biotin-Thioester. The carboxylic acid of this molecule was activated with an NHS ester 
through DCC coupling and subsequently reacted with a heterobifunctional PEG 
terminated in an amine (reactive with the NHS-ester) and a maleimide yielding the 
Biotin-Thioester-PEG-Mal crosslinker (Figure 6.5). This crosslinker was then 
conjugated to a goat anti-mouse IgG using the EZ-link Maleimide kit from Thermo 
Scientific. A nickel chelating column was used to immobilize the IgG out of solution and 
a TCEP solution was added to reduce the disulfide bridges in the IgG structure producing 
free thiols. These thiols were reacted with the maleimides of the crosslinker resulting in a 
biotinylation IgG (Figure 6.6). The concentration of the eluted IgG was determined using 
the Coomassie protein assay and the extent of biotinylation was determined using the 
HABA/Avidin assay, which identified approximately 3.2 biotin molecules per IgG on 
average. To study the stimuli responsive separation of streptavidin from the IgG, a 
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colorimetric ELISA was performed to quantify the release of this biotinylated IgG from 
the surface of a streptavidin coated NFM (Butyl-Biotin from Chapter 5) (Figure 6.7). 
Theoretically, only a 1:1 ratio of thiol to thioester is necessary to separate these two 
molecules. However, a large excess of each thiol (cysteine methylester (CME), benzyl 
mercaptan (BM), 4-mercaptopheynlacetic acid (MPAA), and 2-mercaptoethanesulfonate 
(MESNA)) was used to increase the reaction rate and prevent the reverse reaction. 
Despite using 4 to 6 orders of magnitude more thiol than thioester and using neutral or 
slightly basic conditions for 1 or 20 hours, no IgG release was observed. These data 
suggest that the IgG is biotinylated since the colorimetric signal is lower if no 
streptavidin is added to the system; however, the biotin was either not cleavable or the 
IgG non-specifically adsorbed to the surface and remained at the surface even after the 
crosslinker was cleaved.  
Typically when characterizing small molecules, 
1
H and 
13
C NMR is used to 
validate the chemical structure after each step. A shortcoming of the first generation 
thioester crosslinker is the inability to identify a unique proton H1 peak in the spectrum at 
around 3.99 ppm (Figure 6.8) which signifies the formation of the thioester bond since 
the peak for the PEG protons (4.2–3.3 ppm) overshadow this peak (Figure 6.8 and 
Figure 6.9). In addition, 
13
C NMR is not quantitative so the presence of the thioester 
carbonyl carbon (C1) peak at 198.6 ppm does not guarantee that every crosslinking 
molecule has a thioester nor does it guarantee that the thioester will survive the IgG 
functionalization step (Figure 6.8 and Figure 6.10). If there was a problem with the 
crosslinker chemistry, it is likely that after the first step two products were formed, one 
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with a thioester (Biotin-Thioester: A1) and one without a thioester (Biotin: B1) (Figure 
6.8). Carrying this side product through each of the subsequent steps would result in two 
crosslinkers, one that is cleavable with a thioester (E1) and a non-cleavable version (F1). 
To test this hypothesis a second-generation crosslinker was developed to be compatible 
with additional characterization methods.  
6.2.2 Second Generation 
In order to identify the source of problem with the first generation crosslinker, a 
second generation crosslinker was synthesized that included two PEG spacers, one on 
either side of the thioester, resulting in an intact crosslinker of ~8,000 g/mol vs. a cleaved 
crosslinker composed of two ~4,000 g/mol molecules. The molecular weight distributions 
of these polymers should be easily quantified using both gel permeation chromatography 
(GPC) in water and matrix assisted laser desorption ionization with time of flight 
(MALDI-TOF). If a similar side product is formed after the first step (B2), than a non-
cleavable crosslinker (F2) with nearly an identical molecular weight to the cleavable 
crosslinker (E2) will be synthesized (Figure 6.11). To establish a baseline, the MALDI-
TOF spectrum for the starting materials and the final product before exposure to a thiol 
were analyzed (Figure 6.12). The second-generation crosslinker, Biotin-PEG-Thioester-
PEG-Mal, had two MALDI peaks corresponding to the intact crosslinker (~8,000 g/mol) 
and some starting material (~4,000 g/mol). Since MALDI-TOF is not quantitative, the 
relative peak heights do not correspond to concentrations so the two species are not 
necessarily at equivalent concentrations (Figure 6.12). Upon exposure to either 15 
minutes or 18 hours of 10 equivalents of CME or MESNA, none of the conditions result 
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in complete crosslinker cleavage (Figure 6.13). CME is expected to cleave the thioester 
slower than MESNA since it is less nucleophilic. This trend is observed in Figure 6.13 as 
it takes 18 hours for the CME to reach a similar level of cleavage as the MESNA after 15 
minutes. However, the MESNA samples do not change between 15 minutes and 18 hours 
of exposure indicating that no further cleavage occurs after 15 minutes (Figure 6.13).  
To attain a better understanding of the concentrations of each molecular weight 
distribution in the sample, these data were compared to GPC data using only the more 
reactive MESNA thiol (Figure 6.14a). The GPC analysis provides information on the 
molecular weight distribution and relative polymer concentrations; however, two 
molecules of the same molecular weight but different charge can elute at different times. 
This is illustrated by the shift towards lower molecular weights for the positively charged 
Amine-PEG-Mal (orange) starting material compared to the neutral Biotin-PEG-
Thioester (blue) starting material both of which have the same molecular weight. There is 
a shift towards a larger molecular weight distribution for the intact crosslinker with an 
extended tail towards larger molecular weights (red). When exposed to 10 equivalents of 
MESNA for 3 hours, the crosslinker cleaves into two small populations of starting 
material peaks, and the main peak shifts to a higher molecular weight by about 2,000 
g/mol (purple). This shift is due to a change in charge as the MESNA reacts with the 
maleimides of the crosslinker adding a negative charge to the molecule, which is 
demonstrated using the amine-peg-mal starting material (Figure 6.14b). However, since 
the integrations of the GPC analysis are semi-quantitative, the large integration of the 
main peak after MESNA exposure (purple) indicates that a large portion of this 
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crosslinker is not cleavable. These data suggest that there is a mixed population of 
cleaved PEGs and non-cleavable crosslinker, which validates the hypothesis that a non-
cleavable side product is formed during the synthesis of the crosslinker (Figure 6.14c).  
Even if only a small fraction of the crosslinker is cleavable, the colorimetric HRP 
assay designed to detect the IgG release from a streptavidin-coated surface can detect a 
small change in IgG concentration. Upon repeating this experiment using the second-
generation crosslinker, no IgG release is observed under any of the conditions tested 
(Figure 6.15). The combination of these characterization experiments validates that there 
is both a non-cleavable side product and that any thioester containing crosslinker is too 
labile to avoid hydrolysis during the IgG functionalization step. Therefore, future 
iterations of a cleavable crosslinker must explore alternative chemistries and stimuli to 
facilitate the capture and release immunosorbent assay using a solid state nanopore as a 
detector.  
6.3 Ultraviolet Light Cleavable Biotinylated Crosslinkers 
 As an alternative to the thiol-thioester exchange reaction, an ultraviolet light 
activated Biotin-UV-PEG-Mal crosslinker was synthesized. Chapters 1.4.3 and 3.1 
briefly describe the history of photoactive compounds. In particular, we are interested in 
developing ortho-nitrobenzyl derivatives, which protect carboxylic acids through a 
photolabile ester or protect amines through a photolabile carbamate (Figure 1.12). 
103-106
  
A synthetic route was designed to be compatible with the already characterized Amine-
PEG-Mal starting material from JenKem. Starting with vanillin, dibromoethane was 
added through a substitution reaction (UV-Biotin Step 1) and subsequently nitrated 
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ortho- to the aldehyde using nitric acid at 0 °C (UV-Biotin Step 2) (Figure 6.16). The 
aldehyde was then methylated using trimethyl aluminum (UV-Biotin Step 3) and the 
bromine was substituted with biotin (UV-Biotin Step 4). A 4-nitrophenyl chloroformate 
activating group was then used to activate the alcohol allowing the free amine of the 
Amine-PEG-Mal starting material to react with UV-Biotin Step 5 to yield Biotin-UV-
PEG-Mal (Figure 6.16). At each step, the product was verified through thin layer 
chromatography (TLC) (Steps 1–5), 1H NMR, 13C NMR, mass spectrometry (Steps 1–5) 
and SEC (Step 6). Fortunately, none of the important proton or carbon peaks were 
overshadowed by the PEG peaks allowing for more certainty in the purity of the final 
product.  
 Once purified using dialysis, the reactivity of the Biotin-UV-PEG-Mal 
crosslinker was characterized through a 
1
H NMR deprotection study and through the 
colorimetric HRP assay after the crosslinker was conjugated to a goat anti-mouse IgG. A 
4.76 mM solution of Biotin-UV-PEG-Mal in d-chloroform was photolyzed in a quartz 
NMR tube over 90 minutes using a 365 nm 3 mW/cm
2
 lamp (16.2 J/cm
2
 total dose) 
(Figure 6.17). During photolysis, the crosslinker undergoes an intramolecular reaction 
producing a ketone, carbon dioxide, and a free amine separating the biotin from the 
maleimides sides of the Biotin-UV-PEG-Mal crosslinker. Proton H3 disappears from the 
spectrum while the two maleimides protons (H4) remain present (Figure 6.17a) allowing 
for the photolysis to be quantified using 
1
H NMR by comparing the integrations of the 
peak from 6.71 to 6.67 ppm (H4) to the peak from 6.37 to 6.27 ppm (H3) (Figure 6.17b). 
The photolysis follows an exponential decay function with a time constant of 4.45 J/cm
2
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(24.7 minutes) which corresponds to half-life of 3.08 J/cm
2
 (17.1 minutes) and 95% 
photolysis after 13.1 J/cm
2
 (72.6 minutes). These photolysis rates are consistent with the 
results presented by Holmes et al. who reported several similar orthonitrobenzyl 
derivative photolysis half-lives which vary from 1 minute to 42 minutes (at 3 mW/cm
2
) 
depending on the chemical structure. The most similar derivative using an ester linkage 
instead of our carbamate linkage had a half-life of 6 minutes.
105
   
With the photolysis kinetics quantified, the Biotin-UV-PEG-Mal crosslinker was 
conjugated to the goat anti-mouse IgG using the same protocol as was used for the 
thioester crosslinkers. Using a streptavidin coated plate, two biotinylated goat anti-mouse 
IgGs were bound to the surface, one was cleavable, using the Biotin-UV-PEG-Mal 
crosslinker, and the other was a non-cleavable commercially available biotinylated IgG 
(Figure 6.18a). The level of non-specific binding for the cleavable IgG was determined 
using a control which was exposed to 4 mM biotin prior to the biotinylated IgG causing 
all of the biotin binding sites in the streptavidin coated well to be blocked from 
specifically binding biotinylated molecules. With increasing UV dose, there was a 
corresponding decrease in the colorimetric signal indicating a reduction in the 
concentration of bound IgG (Figure 6.18b). As expected, the exponential decay of the 
IgG release with UV exposure dose had a similar time constant (4.12 J/cm
2
, 22.9 
minutes) and dose to 95% photolysis (13.6 J/cm
2
, 75.6 minutes) as the NMR deprotection 
study.  Ideally this signal would have dropped to the 0 pM IgG control; however, since 
there is a certain amount of non-specific binding which happens regardless of the extent 
of biotinylation, the UV cleavable IgG concentration approaches the blocked streptavidin 
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control. Interestingly, the non-cleavable IgG concentration decreases slightly after UV 
exposure but not by as much as the UV cleavable system. The UV light may cause some 
structural damage to the proteins resulting in the anti-goat reporter not recognizing the 
UV exposed goat IgG. While we attempted to use the same concentration of cleavable 
and non-cleavable IgG, either the extent of biotinylation must be less than 3 biotins per 
IgG for the purchased non-cleavable IgG or the spacer between the IgG and the biotin is 
shorter resulting in increased steric hindrance since the non-cleavable IgG binds the 
surface less than the Biotin-UV-PEG-Mal IgG (Figure 6.18).  
 Given the success of the UV activated crosslinker, future work towards 
developing a CRISA for a solid state nanopore will be conducted using this system 
instead of the thiol-thioester exchange crosslinkers.  
6.4 Conclusions and Future Work 
 Towards the development of an advanced immunosorbent assay with low 
detection limits and large dynamic range, three stimuli responsive crosslinkers were 
synthesized to facilitate the transduction of a target molecule binding event to a 
translocation event frequency in a solid state nanopore (NP). Chapter 5 described the use 
of a novel library of polymers to generate high surface area to volume ratio NFMs, which 
were bioactive and antifouling and used as a porous 3-dimensional solid support for 
immunosorbent assays. This chapter developed the second essential component of the 
CRISA method, namely a stimuli responsive crosslinker that couples a target specific 
antibody to a reporter molecule (avidin) and disassociates the two biomacromolecules 
when a specific stimulus is applied to the system. The thiol-thioester exchange 
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crosslinkers would have had the advantage of triggering avidin release from the NFM by 
simply adding nanomolar concentrations of a thiol. However, the thioester bond was 
found to be unstable in both the Biotin-Thioester-PEG-Mal and Biotin-PEG-
Thioester-PEG-Mal crosslinkers after extensive study of their structure, conjugation to 
the target specific IgG, and ability to decouple the IgG from a streptavidin coated surface.  
Instead, an ultraviolet light activated system was developed using the same design 
parameters of binding an antibody to avidin through a flexible and stimuli responsive 
crosslinker. The Biotin-UV-PEG-Mal crosslinker was successfully synthesized through 
a six step process to yield a crosslinker that separates the biotin end from the maleimide 
end upon exposure to 365 nm UV light. The light activated crosslinker successfully 
biotinylated a target specific IgG by reacting free thiols on the IgG with the maleimide of 
the crosslinker. This biotinylated IgG was then applied to a streptavidin coated surface 
and subsequently released into solution upon exposure to 365 nm UV light. These 
preliminary findings are promising; however, there are several future experiments that 
must be conducted to validate the CRISA nanopore biosensor.  
First, we must validate, through a colorimetric HRP assay, that avidin can be 
released from the NFM surface at a concentration that is proportional to a target molecule 
concentration. The same immunosorbent assay described in Chapter 5 on a streptavidin 
coated 96-well plate will be performed except the last antibody added will be the Biotin-
UV-PEG-Mal conjugated anti-mouse IgG instead of a commercially available HRP 
conjugated anti-mouse IgG. Briefly: 1) a streptavidin coated surface will be conjugated to 
a non-cleavable biotinylated anti-mouse IgG; 2) various concentration of mouse IgG will 
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be added to different wells, capturing the target molecule onto the surface; 3) a 
streptavidin blocking step using millimolar concentrations of biotin will prevent any new 
biotinylated molecules from binding the surface; 4) a UV-cleavable biotinylated anti-
mouse IgG will bind the captured target mouse IgG; 5) a solution of avidin will then be 
added to bind the free biotins on the UV-cleavable biotinylated IgG. At this stage, one of 
two strategies could be used to quantify the release of avidin from the immunosorbent 
assay surface. HRP-biotin could be added to the assay, theoretically binding the 
remaining 3 biotin binding sites of every avidin molecule, and upon UV photolysis the 
avidin-HRP conjugate could be released into solution for subsequent detection using a 
colorimetric readout (Figure 6.19). Alternatively, the avidin could be photolyzed from 
the surface first, captured onto a biotin coated 96-well plate, exposed to HRP-biotin, and 
the colorimetric assay could be performed in these new 96-well plates instead (Figure 
6.19). In both cases, an increasing signal with increasing mouse IgG concentration would 
validate that avidin is successfully releasing from the immunosorbent assay surface.  
Once the avidin release assay is quantified, there are several nanopore 
experiments that will need to be conducted in Professor Amit Meller’s laboratory. First, a 
calibration curve relating the concentration of avidin (conjugated to the photolyzed biotin 
byproduct) to a translocation event frequency must be performed. Trends with applied 
voltage, pore size, pore thickness, solution conductivity and solution pH will need to be 
explored to determine the ideal release solution for detecting both the lowest 
concentration of avidin and the largest dynamic range (ideally pM to 100’s nM). It is 
likely that there will be significant pore-to-pore variability; therefore, a strategy has been 
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developed to include an internal concentration control independent of the released avidin 
concentration. If a known concentration of “Protein X” (any protein that has a 
significantly different blockage current or average translocation time than avidin) is 
added to the avidin release solution, then the translocation event frequency of each 
protein could be identified. By comparing the avidin translocation frequency with the 
Protein X frequency within a given pore, data could be compared across nanopores, 
improving the feasibility of the CRISA nanopore experiments (Figure 6.20). Once these 
control experiments are complete, a NP-NFM CRISA experiment will be conducted to 
correlate the concentration of a target protein (e.g., mouse IgG) to the concentration of 
avidin released as determined by the translocation event frequency of avidin through a 
solid state NP. This work has the potential to advance immunosorbent assay technologies 
by providing an assay with a large dynamic range; in addition, this technology will 
advance the field of protein detection in a solid state nanopore from a fundamental 
research level.  
6.5 Experimental 
6.5.1 General Procedures 
All chemicals were purchased from Sigma Aldrich and used without further 
purification, unless otherwise noted.  Solvents used during synthesis were dried and 
distilled prior to use. All reactions were done in dry conditions using nitrogen. All NMR 
spectra were recorded on a Varian Mercury spectrometer operating at either 300, 400, 
or500 MHz. Chemical shifts are reported in parts per million as follows: chemical shift, 
multiplicity (s= singlet, d= doublet, t= triplet, q= quartet, m= multiplet, br= broad). 
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6.5.2 First Generation Thioester Crosslinker Synthesis 
2-((5-((3aS,4S,6aR)-2-oxohexahydro-1H-thieno[3,4-d]imidazol-4-
yl)pentanoyl)thio)acetic acid (Biotin-Thioester): Dissolve Biotin-NHS (7.3E-4 mole, 
250 mg) and thioglycolic acid (1.1E-5 mole, 101 mg) into 7 mL dry DMF and heat and 
stir until solution is clear. Return solution to room temperature before adding N,N-
Diisopropylethylamine (DIPEA) (1.5E-3 mole, 188.6 mg) and let the reaction stir at room 
temperature for 18 hours. After reacting, remove DMF under high vacuum and 
precipitate the product in 50 mL of diethyl ether. The product was purified using a silica 
gel column run at 95% DCM and 5% methanol to remove the starting materials. The 
product was eluted using 85% DCM and 15% methanol and dried to form white powder 
(60% yield). 
1
H NMR (400 MHz, d6-DMSO) (Figure 6.21): δ 1.48 (m, 6 H, 3*CH2); 
2.61 (m, 5 H, 2*CH2 + CH); 2.81 (m, 1 H, CH); 3.09 (m, 1 H, CH); 3.35 (m, 1 H, CH); 
4.13 (m, 1 H, CH); 4.29 (m, 1H, CH); 6.36 (s, 1 H, NH); 6.43 (s, 1 H, NH). MS (ESI) m/z 
calculated for C12H18N2O4S2 ([M+H]
+
) 318.07, found 319.0.  
 
2,5-dioxopyrrolidin-1-yl 2-((5-((3aS,4S,6aR)-2-oxohexahydro-1H-thieno[3,4-d]imidazol-
4-yl)pentanoyl)thio)acetate (Biotin-Thioester-NHS): Dissolve Biotin-Thioester (1.5E-4 
mole, 49 mg) and N-Hydroxysuccinimide (NHS) (1.5E-4 mole, 17.7 mg) into dry DMF 
(7 mL). At room temperature, add N,N’-Dicyclohexylcarbodiimide (DCC) (2.0E-4 mole, 
41.2 mg) to the reaction and let it stir for 3 hours at room temperature. Remove the DMF 
under high vacuum down to approximately 1 mL. Use a 450 nm PTFE filter to remove 
the precipitated dicyclohexylurea byproduct. Precipitate the product in diethyl ether (50 
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mL) in the freezer for 1 hour. Yield= 16% white powder. 
1
H NMR (400 MHz, d6-
DMSO) (Figure 6.22): δ 1.58 (m, 6 H, 3*CH2); 2.59 (m, 3 H, CH2 + CH); 2.67 (m, 2 H, 
CH2); 2.81 (m, 5 H, 2*CH2 + CH); 3.10 (m, 1 H, CH); 4.14 (m, 1 H, CH); 4.30 (m, 1H, 
CH); 6.37 (s, 1 H, NH); 6.43 (s, 1 H, NH). MS (ESI) m/z calculated for C16H21N3O6S2 
([M+Cl]
-
) 450.54, found 449.3; ([M-(Thioester)+H]
+
)  342.1, found 342.1 (Thioester 
partially lost).  
 
Biotin-Thioester-PEG-Maleimide: Dissolve Amine-PEG3500-Maleimide (Jenkem 
Technology USA, 3500 g/mol) (6.73E-5 mole, 250 mg) and DIPEA (1.34E-4 mole, 17.4 
mg) in dry DMF (2 mL).  Slowly add 1
st
 Generation step 2 (6.73E-5 mole, 28 mg) to the 
reaction and stir at room temperature for 18 hours. Remove DMF under high vacuum and 
dissolve the crude in 1 mL of deionized water. Dialyze against 500 g/mol cutoff tubing 
for 2 days. Lyophilize to obtain the product. Yield = 73.3%, white powder. 
1
H NMR 
(Figure 6.9) (400 MHz, CDCl3): δ 1.63 (m, 6 H, 3*CH2); 2.19 (m, 2 H, CH2); 2.47 (m, 2 
H, CH2); 2.60 (m, 2 H, CH2); 2.70 (m, 1 H, CH); 2.86 (m, 1 H, CH); 3.11 (m, 1 H, CH); 
3.60 (m, 312 H, 156*CH2); 4.28 (m, 2 H, CH2); 4.47 (m, 2 H, CH2); 6.61 (s, 1 H, CH); 
6.67 (s, 2 H, 2*CH); 6.75 (s, 1 H, CH). 
13
C NMR (Figure 6.10) (100 MHz, CDCl3): δ 
24.9; 25.6; 28.1; 32.8; 33.9; 34.3; 34.5; 35.7; 39.1; 39.2; 40.5; 43.2; 48.9; 53.5; 55.3; 
60.0; 61.7; 69.6; 70.0; 70.5; 71.5; 73.4; 134.2; 167.9; 169.7; 170.5; 173.1; 198.6.  
6.5.3 Second Generation Thioester Crosslinker Synthesis 
Biotin-PEG-Thioester: Dissolve Biotin-PEG3500-NHS ester (Jenkem Technology USA) 
(2.73E-5 mole, 100 mg) into 1 mL of dry DCM. Add Thioglycolic acid (3.0E-5 mole, 
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2.76 mg) to the reaction and then add DIPEA (6.0E-5 mole, 7.75 mg) and let the reaction 
stir for 18 hours. Add 10 mL of DCM and wash the product with 5 mL of saturated citric 
acid, deionized water, and brine sequentially. Dry the product over sodium sulfate. 
Remove the DCM down to approximately 1 mL and precipitate the product in diethyl 
ether. Yield 71.4%, white powder. 
1
H NMR (500 MHz, CDCl3) (Figure 6.23a): δ 1.68 
(m, 6 H, 3*CH2); 2.21 (m, 2 H, CH2); 2.75 (m, 1 H, CH); 2.89 (m, 1 H, CH); 3.15 (m, 1 
H, CH); 3.63 (m, 312 H, 156*CH2); 4.14 (m, 1 H, CH); 4.25 (m, 1 H, CH);  4.41 (m, 2 H, 
CH2); 5.46 (br. s., 1 H, NH); 6.49 (s, 1 H, NH). 
13
C NMR (125 MHz, CDCl3) (Figure 
6.23b): δ 25.4; 28.0; 29.7; 30.3; 35.8; 39.1; 40.5; 55.3; 60.2; 61.8; 65.8; 68.8; 69.5; 69.8; 
70.1; 70.5; 71.8; 73.7; 76.1; 157.1; 163.8; 170.8; 173.1; 199.0. MALDI (TOF) Figure 
6.12. 
 
Biotin-PEG-Thioester-NHS: Dissolve Biotin-PEG-Thioester (1.51E-5 mole, 55 mg) 
and NHS (1.66E-5 mole, 1.91 mg) into 1 mL of dry DCM. Add DCC (1.96E-5 mole, 
4.04 mg) to the reaction and let it stir at room temperature for 18 hours. Filter the DCU 
precipitate using a 450 nm PTFE filter. Precipitate the product into 10 mL of diethyl 
ether. Yield 86.4%, white powder. 
1
H NMR (500 MHz, CDCl3) (Figure 6.24a): δ 1.68 
(m, 6 H, 3*CH2); 2.20 (m, 2 H, CH2); 2.72 (m, 1 H, CH); 2.82 (m, 6 H, 2*CH + 2*CH2); 
3.12 (m, 1 H, CH); 3.63 (m, 312 H, 156*CH2); 3.94 (m, 2 H, CH2); 4.39 (m, 4H, 2*CH + 
CH2); 6.03 (br. s., 1 H, NH); 6.67 (s, 1 H, NH). 
13
C NMR (125 MHz, CDCl3) (Figure 
6.24b): δ 25.5; 27.2; 35.8; 39.1; 40.5; 55.4; 60.1; 61.7; 66.5; 69.9; 70.1; 70.5; 71.3; 72.0; 
75.8; 162.9; 163.5; 168.6; 168.7; 173.1; 198.1. MALDI (TOF) Figure 6.12. 
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Biotin-PEG-Thioester-PEG-Maleimide: Dissolve Biotin-PEG-Thioester-NHS (1.1E-5 
mole, 41 mg) and Amine-PEG3500-Maleimide (Jenkem Technology USA, 3500 g/mol) 
(1.2E-5 mole, 44.5 mg) into dry DCM (1 mL). Add DIPEA (2.4E-5 mole, 3.1 mg) to the 
reaction and let stir at room temperature for 18 hours. Remove volatiles and dissolve the 
crude product into deionized water (1 mL). Dialyze against 3500 g/mol cutoff tubing for 
7 hours. Lyophilize the to recover the product. Yield: 51.1%, white powder. 
1
H NMR 
(500 MHz, CDCl3) (Figure 6.25a): δ 1.68 (m, 6 H, 3*CH2); 2.22 (m, 2 H, CH2); 2.34 
(br.s., 2 H, CH2); 2.51 (t, J = 10 Hz, 2 H, CH2); 2.73 (m, 1 H, CH); 2.89 (m, 6 H, 2*CH + 
2*CH2); 3.14 (m, 1 H, CH); 3.63 (m, 624 H, 312*CH2); 3.99 (m, 2 H, CH2); 4.25 (m, 2H, 
CH2); 4.32 (m, 1 H, CH); 4.50 (m, 1 H, CH); 6.70 (s, 2 H, 2*CH). 
13
C NMR (125 MHz, 
CDCl3) (Figure 6.25b): δ 23.0; 23.7; 25.3; 28.0; 28.9; 29.7; 30.3; 31.8; 33.6; 34.3; 34.5; 
35.6; 38.6; 38.7; 39.0; 39.2; 39.7; 40.5; 55.4; 60.2; 61.8; 67.4; 68.1; 69.5; 69.7; 70.2; 
70.3; 70.5; 71.6; 71.9; 73.7; 76.1; 128.8; 130.9; 134.2; 169.7; 170.5; 200.0. MALDI 
(TOF) Figure 6.12. 
6.5.4 Ultraviolet Light Cleavable Crosslinker Synthesis 
4-(2-bromoethoxy)-3-methoxybenzaldehyde (UV-Biotin Step 1): Dissolve vanillin (2.5 
g, 0.016 mol) and dibromoethane (5.64 mL, 0.066 mol) into 100 mL of acetonitrile. Add 
potassium carbonate (2.5g 0.018 mol) to the reaction mixture and reflux at 82 °C for 18 
hours. Concentrate the acetonitrile and extract the product into ethyl acetate. Wash with 
deionized water and brine and filter off any excess potassium bromide salt. The residue 
was dried in vacuo and dissolved into DCM and purified on a silica gel column using a 
100% DCM eluent. The product was isolated as a white powder (66% yield). 
1
H NMR 
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(500 MHz, CDCl3) (Figure 6.26a): δ 3.67 (t, J = 5 Hz, 2 H, CH2); 3.90 (s, 3 H, CH3); 
4.38 (t, J = 5 Hz, 2 H, CH2); 6.96 (d, J = 5 Hz); 7.40 (m, 2 H, 2*CH); 9.83 (s, 1 H, CH). 
13
C NMR (125 MHz, CDCl3) (Figure 6.26b): δ 28.2; 56.1; 68.7; 109.8; 112.4; 126.3; 
130.8; 150.0; 152.9; 190.8. MS (ESI) m/z calculated for C10H11BrO3 ([M+H]
+
) 257.99, 
found 259.2.  
  
4-(2-bromoethoxy)-5-methoxy-2-nitrobenzaldehyde (UV-Biotin Step 2): Dissolve UV-
Biotin Step 1 (3.23 g, 0.013 mol) into 250 mL of concentrated nitric acid at 0 °C. While 
dissolving the starting material, remove the reaction mixture from the ice bath and once 
the starting material fully dissolves, quench the reaction in 1 L of cold deionized water 
creating a yellow precipitate. Filter the precipitate and recrystallize the residue in ethanol. 
Filter the product and dry under vacuum to obtain a yellow powder (61% yield). 
1
H NMR 
(500 MHz, CDCl3) (Figure 6.27a): δ 3.73 (t, J = 5 Hz, 2 H, CH2); 4.02 (s, 3 H, CH3); 
4.47 (t, J = 7.5 Hz, 2 H, CH2); 7.41 (s, 1 H, CH); 7.62 (s, 1 H, CH); 10.43 (s, 1 H, CH). 
13
C NMR (125 MHz, CDCl3) (Figure 6.27b): δ 27.8; 56.8; 69.4; 108.9; 110.4; 126.2; 
143.4; 150.8; 153.6; 187.6. MS (ESI) m/z calculated for C10H10BrNO5 ([M-H2O]
+
) 
302.97, found 302.9. 
 
1-(4-(2-bromoethoxy)-5-methoxy-2-nitrophenyl)ethan-1-ol (UV-Biotin Step 3): 
Dissolve UV-Biotin Step 2 (1.0 g, 3.3 mmol) into DCM (25 mL per gram of UV-Biotin 
Step 2) under nitrogen and cool reaction to 0 °C in an ice bath. Add trimethyl aluminum 
(0.950 g, 6.6 mmol) dropwise to the reaction mixture over 1 hour before quenching 
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slowly by adding ice to the reaction mixture. Wash with cold NaOH (1 M) and brine and 
dry over magnesium sulfate. Purify the residue using a silica gel column a gradient from 
85:15 to 7:3 hexane:ethyl acetate. Remove the volatiles under vacuum to obtain a yellow 
powder (75.4% yield). 
1
H NMR (500 MHz, CDCl3) (Figure 6.28a): δ 1.55 (d, J = 10 Hz, 
3 H, CH3); 3.69 (t, J = 5 Hz, 2 H, CH2); 4.00 (s, 3 H, CH3); 4.38 (t, J = 5 Hz, 2 H, CH2); 
5.58 (q, J = 5 Hz, 1 H, CH); 7.34 (s, 2 H, CH2); 7.60 (s, 2 H, CH2). 
13
C NMR (125 MHz, 
CDCl3) (Figure 6.28b): δ 24.3, 28.4, 56.5, 65.7, 69.3, 109.1, 110,2, 138.0, 146.0, 154.3. 
HRMS (ESI) m/z calculated for C11H14BrNO5 ([M-H2O]
+
) 302.0028, found 302.0027.  
 
2-(4-(1-hydroxyethyl)-2-methoxy-5-nitrophenoxy)ethyl 5-((3aS,4S,6aR)-2-
oxohexahydro-1H-thieno[3,4-d]imidazol-4-yl)pentanoate (UV-Biotin Step 4): Dissolve 
UV-Biotin Step 3 (0.25 g, 0.78 mmol) and biotin (0.23 g, 0.94 mmol) into DMF with 
potassium carbonate (0.14 g, 1.0 mmol) and sodium iodide (catalytic) . Heat the reaction 
mixture to 80 °C for 18 hours. Cool the reaction to room temperature and extract the 
product into ethyl acetate before washing with deionized water. Remove the volatiles and 
dissolve the residue in DCM before purifying the residue using a silica gel column with a 
gradient from 98:2 to 95:5 DCM:methanol. Remove the volatiles under vacuum to yield a 
yellow powder (77.6% yield). 
1
H NMR (500 MHz, CDCl3) (Figure 6.29a): δ 1.55 (m, 9 
H, 3*CH2 + CH3); 2.37 (m, 2 H, CH2); 2.75 (m, 1 H, CH); 2.89 (m, 1 H, CH); 3.13 (m, 1 
H, CH); 3.99 (s, 3 H, CH3); 4.30 (m, 3 H, CH2 + CH); 4.49 (m, 3 H, CH2 + CH); 5.56 (q, 
J = 5 Hz, 1 H, CH); 7.37 (m, 1 H, CH); 7.63 (m, 1 H, CH). 
13
C NMR (125 MHz, CDCl3) 
(Figure 6.29b): δ 24.6; 28.3; 33.8; 40.4; 55.4; 56.4; 60.3; 62.6; 65.5; 67.6; 109.2; 110.0; 
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138.3; 139.2; 146.4; 154.3; 163.8; 173.5. HRMS (ESI) m/z calculated for C21H29N3O8S 
([M+Na]
+
) 506.1573, found 506.1568.  
 
2-(2-methoxy-5-nitro-4-(1-(((4-nitrophenoxy)carbonyl)oxy)ethyl)phenoxy)ethyl 5-
((3aS,4S,6aR)-2-oxohexahydro-1H-thieno[3,4-d]imidazol-4-yl)pentanoate (UV-Biotin 
Step 5): Using a modified protocol
262
, dissolve UV-Biotin Step 4 (70 mg, 0.15 mmol) 
and 4-nitrophenyl chloroformate (175 mg, 0.87 mmol) into DCM at 0 °C. Add triethyl 
amine (132 mg, 1.3 mmol) to the reaction mixture and allow it to come to room 
temperature for 18 hours. Remove the volatiles under vacuum and purify the residue 
using a silica gel column with a gradient from 98:2 to 95:5 DCM:methanol. Remove the 
volatiles under vacuum to yield a yellow powder (54.3% yield). 
1
H NMR (500 MHz, 
CDCl3) (Figure 6.30a): δ 1.69 (m, 9 H, 3*CH2 + CH3); 2.39 (t, J = 5 Hz, 2 H, CH2); 2.76 
(m, 1 H, CH); 2.90 (m, 1 H, CH); 3.15 (m, 1 H, CH); 4.02 (s, 3 H, CH3); 4.32 (m, 3 H, 
CH + CH2); 4.48 (m, 3 H, CH + CH2); 6.53 (q, J = 5 Hz, 1 H, CH); 7.14 (s, 1 H, CH); 
7.35 (s, 1 H, CH), 7.36 (s, 1 H, CH); 7.67 (s, 1 H, CH); 8.25 (s, 1 H, CH); 8.27 (s, 1 H, 
CH). 
13
C NMR (125 MHz, CDCl3) (Figure 6.30b): δ 22.0; 24.6; 28.3; 33.7; 40.4; 55.4; 
56.6; 60.3; 62.3; 67.6; 73.7; 108.3; 109.8; 121.7; 125.3; 132.1; 139.7; 145.4; 147.4; 
151.4; 154.4; 155.3. HRMS (ESI) m/z calculated for C28H32N4O12S ([M]
+
) 649.1816, 
found 649.1824. 
 
Biotin-UV-PEG-Mal: Dissolve UV-Biotin Step 5 (40 mg, 61.7 µmol) and Amine-
PEG3500-Maleimide (Jenkem Technology USA, 3500 g/mol) (207 mg, 56.1 µmol) into 
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DCM. Add triethyl amine (56.7 mg, 561 µmol) to the reaction mixture and stir under 
nitrogen for 3 days. Remove the volatiles under vacuum and dissolve into DCM before 
precipitating the residue into diethyl ether. Use centrifugation to collect the residue prior 
to dialyzing the product against 500 g/mol cutoff (Product name) dialysis tubing in 250 
mL of deionized water. Exchange the deionized water every 30 minutes for 4 hours 
before lyophilizing the product to obtain an off white powder (yield: 64.1%). 
1
H NMR  
(500 MHz, CDCl3) (Figure 6.31a): δ 1.60 (m, 11 H, 4*CH2 + CH3); 2.38 (m, 2 H, CH2); 
2.52 (m, 2 H, CH2);  2.85 (m, 3 H, 3*CH); 3.64 (m, 312 H; 156*CH2); 3.97 (m, 4 H, 2 * 
CH2); 4.48 (m, 6 H, 2*CH2 + 2*CH); 6.33 (q, J = 5 Hz, 1 H, CH); 6.50 (br. s., 1 H, NH); 
6.70 (s, 2 H, 2*CH); 7.04 (s, 1 H, CH); 7.64 (m, 1 H, CH). 
13
C NMR  (125 MHz, CDCl3) 
(Figure 6.31b): δ 22.3; 24.6; 28.0; 29.7; 30.3; 33.7; 34.5; 36.3; 39.2; 40.8; 53.9; 55.2; 
56.5; 60.3; 60.9; 62.6; 66.2; 67.3; 67.6; 69.5; 69.7; 70.0; 70.5; 71.6; 73.7; 108.4; 109.9; 
110.1; 127.8; 134.2; 135.0; 139.3; 146.7; 154.3; 155.5; 169.8; 170.5; 172.5; 173.2. SEC 
Mn = 3255 g/mol, PDI = 1.01 (Figure 6.32). UV-Vis spectrum Figure 6.33. 
6.5.5 Native Chemical Ligation 
 Native chemical ligation experiments were conducted on the thioester containing 
crosslinkers using either: 1) cysteine methyl ester (CME); 2) benzyl mercaptane (BM); 3) 
2-mercaptoethanesulfonic acid (MESNA); or 4) 4-mercaptophenylacetic acid (MPAA). 
For a given experiment, the specified concentration is always greater than 1 equivalent of 
the thioester. Times varying from 15 minutes to 18 hours were tested across MALDI, 
GPC, and ELISA assays.  
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6.5.6 MALDI Protocol 
A saturated solution of α-cyano-4-hydroxycinnamic acid (CHCA) was dissolved 
into a 3:1 mixture of acetonitrile and water. For each compound tested, a 1 mg per 100 
µL solution was made in a 3:1 mixture of acetonitrile and water. To the target, 1 µL of 
the matrix was deposited and dried followed by 1 µL of the compound solution and dried, 
followed by 1 µL of the matrix. The sample was run under reflective positive (RP) mode 
using an 85% intensity and 500 shots per run using the Bruker autoflex Speed MALDI-
TOF mass spectrometer. The Fleximaging software was used to analyze the results.  
6.5.7 Gel Permeation Chromatography Protocol 
Polymer molecular weight distributions were determined using gel permeation 
chromatography (GPC) using a PL aquagel-OH 30 8µm 300 x 7.5 mm (Agilent, PL1120-
6830) and a PL aquagel-OH Mixed-M 8µm 300 x 7.5 mm (Agilent, PL1149-6801) in 
series under a flow rate of 0.5 mL/hour. An aqueous buffer containing 0.1 M sodium 
nitrate, 0.01 M disodium phosphate, and 0.02 wt.% sodium azide pH balanced to pH 7.5 
was used as an eluent. Poly(ethylene glycol) (PEG) standards were used to calibrate the 
system. A Varian Prostar 355 RI refractive index detector was to detect the polymers.  
6.5.8 Anti-Mouse IgG Functionalization 
 An anti-mouse IgG was purchased from Abcam (Abcam, ab37355) and 
functionalized with various maleimide containing crosslinkers using the EZ-link 
maleimide kit from Thermo Scientific (Thermo Scientific, 21920) which contains a 
HisPur Ni-NTA resin (Thermo Scientific, 88225) to capture the IgG, a tris(2-
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carboxyethyl)phosphine (TRIS) solution for reducing the disulfide bridges along the 
heavy and light chains of the IgG, and an imidazole solution for eluting the IgG off of the 
column. The Coomassie protein assay (Thermo Scientific, PI-23200) was used to 
quantify the concentration of the eluted protein and the HABA/Avidin kit (Sigma, 
H2153) was used to quantify the concentration of biotin in solution for all biotinylated 
crosslinkers.  
6.5.9 Biotin-UV-PEG-Mal UV-Vis Spectrum 
 Biotin-UV-PEG-Mal (1 mg) was dissolved into deionized water at a 
concentration of 2 mg/mL (0.475 mM) and diluted by 2-fold twice to 1 mg/mL and 500 
μg/mL. A UV-Vis spectrum was acquired using a Hewlett Packard 8453 
spectrophotometer and a quartz cuvette for each concentration (Figure 6.33).  
6.5.10 UV-Activated Deprotection Measured via 
1
HNMR 
 Biotin-UV-PEG-Mal (8 mg, 1.9 µM) (n=3) was dissolved into 400 µL of CDCl3 
and a 
1
H NMR was taken at 0, 5, 10, 20, 30, 60, and 90 minutes of 365 nm UV light 
exposure using a 3 mW/cm
2
 UV lamp. The photolysis was quantified using the relative 
integrations of the two maleimide protons at 6.71–6.67 ppm, which remain constant 
during the experiment, and the integration of the proton at 6.37–6.27 ppm which is 
removed during photolysis (Figure 6.17). After photolysis the volatiles were removed 
and the remaining residue was dissolved into deionized water and dialyzed again against 
500 g/mol cutoff dialysis tubing. After dialysis and lyophilization and final CDCl3 
1
H 
NMR was taken revealing only the starting material (NH2-PEG-Mal) from JenKem Inc.  
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6.5.11 Biotinylated IgG Release Immunosorbent Assay 
 The UV-Biotin conjugated anti-mouse IgG (from goat) (600 pM, 100 µL) or an 
antibody conjugated to a non-cleavable biotin (from goat) (600 pM, 100 µL, abcam, 
ab6788) were exposed to a BSA blocked streptavidin coated 96-well plate (Pierce, 
15121) for 2 hours. A control for nonspecific binding was created by blocking the 
streptavidin binding sites with 4 mM biotin in phosphate buffered saline prior to UV-
Biotin conjugated anti-mouse IgG addition. The plate was subsequently washed with a 
Tris-buffered-saline (TBS) and 0.05% Tween20 (pH 7.4) wash buffer three times (200 
µL) before the plate was exposed to 365 nm UV light using a 3 mW/cm
2
 lamp for 15, 30, 
60, or 120 minutes. After UV exposure, the samples were washed again with the wash 
buffer, three times, before an anti-goat IgG conjugated with horseradish peroxidase 
(HRP) (Abcam, ab6789) was added to the wells for 1 hour. The samples were again 
washed three times prior to the addition of the TMB ELISA substrate (highest sensitivity) 
(Abcam, ab171522) for 90 seconds before the TMB stop solution (Abcam, ab171529) 
was added to quench the colorimetric assay. Absorbance readings were taken at 450 nm 
to quantify the concentration of anti-mouse IgG still remaining on the 96-well plate 
surface.   
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Figure 6.1 Concept diagram for the capture and release immunosorbent assay 
(CRISA) using a solid-state nanopore as a detector. a) A NFM ELISA is performed to 
capture a specific target molecule (yellow/purple) using a biotinylated capture IgG 
(purple) and a stimuli responsive avidin release IgG (yellow) replacing the traditional 
HRP conjugated IgG. b) A stimulus is applied eliminating the bond between the reporter 
avidin molecule and the NFM. c) The avidin concentration is proportional to the 
concentration of target molecule captured on the NFM. d) A voltage potential is applied 
across the nanopore device drawing the positively charged avidin towards the negative 
electrode. e) Avidin translocations are recorded as they partially block the ionic current 
through the nanopore by a consistent blockage level (cartoon illustration). f) The 
translocation event frequency is correlated to avidin concentration and indirectly to the 
target molecule (yellow/purple) concentration.  
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Figure 6.2 Illustration of the thiol-thiolester exchange using cysteine methyl ester 
(CME), benzyl mercaptan (BM), 4-Mercaptophenylacetic acid (MPAA), and 2-
Mercaptoethanesulfonate (MESNA) as thiol sources under mild conditions. CME is used 
to complete the two step native chemical ligation process as the exchange becomes 
permanent with the formation of an amide bond.  
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Figure 6.3 Design of a cleavable crosslinker that binds a protein, via maleimides-thiol 
Michael addition, and avidin, via a strong non-covalent interaction (Kd = 10
-14
 to 10
-15
 
M), through a cleavable covalent bond. The molecule separates upon the addition of a 
stimulus (chemical or light). Flexible spacers are added to reduce steric hindrance while 
binding a protein on either side of the crosslinker. 
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Figure 6.4 a) Schematic of the first (left) and second (right) generation thioester 
crosslinkers composed of biotin and maleimides end groups connected by a thioester with 
poly(ethylene glycol) spacers. b) Thiol to thioester exchange of a generic thioester by a 
nucleophilic thiol under mild conditions (pH 7.0–8.0). 
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Figure 6.5 Synthetic scheme for the first generation thioester crosslinker: Biotin-
Thioester-PEG-Mal. 
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Figure 6.6 From left to right: a) the goat IgG is bound to the nickel chelating resin;  
b) a tris-(2-carboxyethyl)phosphine (TCEP) solution is added to reduce some of the 
disulfide bridges between the heavy and light chains; c) a biotin and maleimides 
functionalized crosslinker with a cleavable group between is reacted with the IgG on the 
resin; d) an imidazole solution is used to elute the IgG off of the resin and into a 
collecting tube.  
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Figure 6.7 a) Illustration of the colorimetric immunosorbent assay on an electrospun 
NFM functionalized with biotin (Butyl-Biotin from Chapter 5) used to quantify the thiol-
thioester exchange between the goat anti-mouse IgG functionalized with Biotin-
Thioester-PEG-Mal (yellow)  and either cysteine methylester (CME), benzyl mercaptan 
(BM), 4-mercaptopheynlacetic acid (MPAA), and 2-mercaptoethanesulfonate (MESNA) 
release solutions. An anti-goat horseradish peroxidase IgG was used to quantify the goat 
anti-mouse IgG concentration after release. b) Colorimetric readout comparing release 
conditions for either 1 or 20 hours and using either 8 µM or 1 mM thiol concentrations 
(53,000 and 6,600,000 equivalents, respectively). No release is observed. (Avg ± SD, 
n=3) 
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Figure 6.8 Synthetic scheme for the first generation thioester crosslinker with side 
products (B1, D1, and F1) which explain the lack of release in Figure 6.7. NMR analysis 
(Figure 6.9 and Figure 6.10) of C1 and H1 is inconclusive as proton H1
 
(3.99 ppm) is 
overshadowed by the PEG protons (4.2–3.3 ppm) and carbon C1 (198.6 ppm) is present 
but 
13
C NMR is not quantitative.  
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Figure 6.9 
1
H NMR of Biotin-Thioester-PEG-Mal. 
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Figure 6.10 
13
C NMR of Biotin-Thioester-PEG-Mal. Note: the peak at 198.6 ppm 
indicating a thioester carbonyl carbon. 
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Figure 6.11 Synthetic scheme for the second-generation thioester crosslinker: Biotin-
PEG-Thioester-PEG-Mal with potential side products based on the issues with the first 
generation crosslinker. The second-generation linker is ~6800 g/mol and after being 
cleaved is ~3400 g/mol. The proton H2 and carbon C2 suffer from the same limitations as 
in the generation 1 thioester linker.  
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Figure 6.12 Matrix assisted laser desorption ionization (MALDI) with time of flight 
(TOF) analysis was performed on each step of the second-generation thioester crosslinker 
to identify the molecular weight distributions of each component. The purchased Biotin-
PEG-NHS (blue) shows a distribution around 4000 g/mol with increments of 44 g/mol 
for each peak identifying this molecule as a PEG polymer (monomer = 44 g/mol). This 
distribution is mostly unchanged as the thioester is added (red) followed by the addition 
of the NHS ester (green). When the purchased Amine-PEG-Maleimide (pink) is reacted 
with the Biotin-PEG-Thioester-NHS (green) it produces the final product (brown) which 
has two distributions, one around 4000 g/mol (starting material) and a second around 
8000 g/mol (Biotin-PEG-Thioester-PEG-Mal crosslinker). 
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Figure 6.13 MALDI (TOF) analysis of the Biotin-PEG-Thioester-PEG-Mal crosslinker 
exposed to either water (left), cysteine methyl ester (CME) (middle), or 2-
mercaptoethanesulfonate (MESNA) (right) for 15 minutes (blue) or 18 hours (orange).  
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Figure 6.14 a) Gel permeation chromatography (GPC) analysis of the Biotin-PEG-
Thioester-PEG-Mal (red) compared to its starting materials, Biotin-PEG-Thioester (blue) 
and Amine-PEG-Maleimide (orange). b) GPC analysis of only the Amine-PEG-
Maleimide before and after exposure to MESNA. The MESNA reacts with the 
maleimides to form a molecule that is 140 g/mol heavier. A GPC shift of ~2000 g/mol is 
observed. c) Chemical scheme for a cleavable (top) and non-cleavable (bottom) 
crosslinker causing three GPC peaks after the thiol-thioester exchange.  
  
  
251 
 
Figure 6.15 a) Illustration of the immunosorbent assay used to quantify the release of a 
goat anti-mouse IgG functionalized with the second-generation thioester crosslinker 
(yellow). The IgG is coupled to a streptavidin (orange) coated polystyrene plate through 
the biotinylated end of the crosslinker (blue). A release solution is added and if released, 
the goat IgG concentration on the surface will decrease and a lower colorimetric signal 
will be produced due to lower anti-goat IgG functionalized with horseradish peroxidase 
binding. b) Colorimetric assay quantifying goat IgG on the streptavidin coated plate after 
various release conditions. No release is observed for either 8 µM or 1 mM 
concentrations at 1 or 3 hours. (Avg ± SD, n=4) 
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Figure 6.16 Synthetic scheme for the UV activated crosslinker. 
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Figure 6.17 a) UV light activated photolysis of Biotin-UV-PEG-Mal which results in 
the formation of a ketone, carbon dioxide, and the disappearance of proton H3. b) 
1
H 
NMRs of Biotin-UV-PEG-Mal before (left) and after (right) UV exposure. The 
integration of the peak from 6.71 to 6.67 ppm (H4) is set to 2 for the 2 maleimide 
protons. The integration of the peak from 6.37–6.27 ppm (H3) corresponds to a single 
proton in the intact crosslinker, which is removed during photolysis. b) Quantification of 
the photolysis of Biotin-UV-PEG-Mal after exposure to increasing doses of UV light 
(J/cm
2
). The data were fit to an exponential decay function with a time constant of 4.45 
J/cm
2
. (Avg ± SD, n=3)  
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Figure 6.18 a) Colorimetric assay to detect the UV activated release of a UV-Biotin 
conjugated goat anti-mouse IgG (yellow) from a streptavidin coated micro-well plate 
using an anti-goat horseradish peroxidase IgG as a reporter. b) Colorimetric assay 
comparing the UV light cleavable IgG (blue) to a non-cleavable IgG (red) and two 
controls over several UV doses. The concentration of bound UV cleavable IgG follows 
an exponential decay function with the UV dose (Absorbance = 1.001*exp(-0.243*UV 
dose)+0.73) which has a time constant of 4.12 J/cm
2
. The time constant associated with 
the crosslinker photolysis was 4.45 J/cm
2
 (Figure 6.17). (Avg ± SD, n=4) 
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Figure 6.19 Two colorimetric assays for detecting released avidin (red protein) from 
an immunosorbent assay for mouse IgG (red IgG) on a streptavidin (orange protein) 
coated surface. Top) Add biotinylated HRP to the immunosorbent assay and then release 
the avidin into solution using UV light and transfer the solution to a new micro-well plate 
to run the colorimetric assay in solution. Bottom) Release the avidin into solution using 
UV light and capture it onto a biotinylated micro-well plate. Then add biotinylated HRP 
and perform the colorimetric assay in the biotinylated well.  
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Figure 6.20 Illustration of a current trace (left) and target protein concentration vs. 
event frequency (right) using the dual protein detection method for identifying the 
unknown avidin concentration in solution based on the concentration of a known “Protein 
X” concentration. (Cartoon representations)  
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Figure 6.21 Biotin-Thioester 
1
H NMR 
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Figure 6.22 Biotin-Thioester-NHS 
1
H NMR 
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Figure 6.23 Biotin-PEG-Thioester: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.24 Biotin-PEG-Thioester-NHS: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.25 Biotin-PEG-Thioester-PEG-Maleimide: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.26 UV-Biotin Step 1: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.27 UV-Biotin Step 2: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.28 UV-Biotin Step 3: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.29 UV-Biotin Step 4: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.30 UV-Biotin Step 5: a) 
1
H NMR, b) 
13
C NMR. 
  
267 
 
Figure 6.31 Biotin-UV-PEG-Mal: a) 
1
H NMR, b) 
13
C NMR. 
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Figure 6.32 Biotin-UV-PEG-Mal SEC results. The starting material Amine-PEG-Mal 
(red) is compared to the Biotin-UV-PEG-Mal (blue) product.   
 
 
Figure 6.33 UV-Vis spectrum of Biotin-UV-PEG-MAL at 2 (blue), 1 (red), 0.5 
(green) mg/mL in deionized water. A purple guideline is used to signify the 365 nm 
wavelength used for photolysis. 
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7. Conclusion 
Due to a resurgence of interest in and understanding of the electrospinning 
process in the late 1990’s and early 2000’s, the ability to create nanofibrous, porous, and 
3-dimensional mesh architectures from a wide variety of entangled polymer solutions is 
easily accessible to academic labs and industrial R&D groups all over the world.  The 
electrospinning technique simultaneously provides the ability to manipulate chemically 
diverse nanotextured surfaces in 3-dimensions and the ability to manipulate these 
materials by hand, which is not always the case for other nanomaterials (i.e., 
nanoparticles). The combination of high surface area to volume ratio, porosity, 3-
dimensionality, and diverse chemical properties makes electrospun meshes an ideal 
platform technology for applications ranging from air and water purification to cancer 
biomarker detection and treatment.   
The Grinstaff laboratory has used the electrospinning platform to produce 
advanced drug delivery systems and biosensors based on surface wettability using 
copolymer blends of poly(ε-caprolactone) (PCL) and variants of the poly(glycerol-co-ε-
caprolactone) (PGC) polymer each relying on a combination of tunable mesh 
morphology and physicochemical properties to enhance the hydrophobicity of these 
nano- and micro-fiber materials. Based on these principles, a biodegradable and 
hydrophobic polymer, PCL, was electrospun to produce an oil sorbent mesh that 
repeatedly recovered both low viscosity crude and high viscosity pump oil from fresh and 
salt water mixtures. Unlike many reports describing oil sorbents, the PCL electrospun 
mesh sorbents were challenged with separating stable water-in-oil emulsions and 
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successfully recovered more oil than water for a single use. However due to both the pore 
diameters and surfactant fouling, repeated emulsion separation was less specific for oil 
over water (Chapter 2). This work has provided the impetus to explore future electrospun 
mesh formulations with superior hydrophobicity and smaller pore sizes than the original 
PCL meshes for repeatable oil and water separation from stable emulsions.  
While static hydrophobicity is leveraged for oil and water separation, dynamic 
hydrophobicity was demonstrated as a method for patterning wettable regions within a 
bulk 3-dimensional hydrophobic mesh (Chapter 3). A UV light activated side chain using 
an ortho-nitrobenzyl derivative to protect a carboxylic acid was synthesized and 
covalently bound to the PGC polymer. This light activated polymer was electrospun to 
produce NFMs with tunable wettability, which prevented water penetration before UV 
exposure and wetted after UV exposure. Through a combination of a photomask and 
varied UV exposure time, the 3-dimensional wettability of both water and protein 
solutions was demonstrated. Unfortunately, only 2-dimensional control over cell 
patterning was achieved when human breast cancer cells (MCF7) were applied to the 
photolyzed regions as the cells were too large to infiltrate the 1–2 μm in diameter pores. 
Future iterations of this method will include more hydrophobic polymers to achieve 
better spatial resolution of the wettable regions and electrospun meshes with larger pores 
to facilitate 3-dimensional cell patterning.  
Platform technologies, such as the electrospinning technique, often foster the 
development of more advanced platforms which combine well defined systems in new 
ways. In collaboration with Professor Amit Meller’s laboratory, a new diagnostic 
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platform technology is being developed which combines functional electrospun nanofiber 
meshes and sensitive single molecule solid state nanopores for nucleic acid and protein 
detection. This platform was first applied to enhancing the temporal resolution of DNA 
detection in solid state nanopores since current techniques fail to sufficiently identify size 
and potentially sequence information of the nucleic acid. NFMs with intermediate 
hydrophobicity were shown to slow DNA translocation rates by up to two orders of 
magnitude without altering the electrical properties of the nanopore biosensor. This 
slowing effect was observed for DNA up to 20 kbp and provided superior DNA sizing 
compared to a traditional nanopore measurement (Chapter 4). Future work in applying 
these NP-NFM DNA sizing biosensors towards clinical applications, such as pathogen 
identification, is ongoing in the Grinstaff/Meller laboratories. 
In addition to enhancing nucleic acid detection in a solid state nanopore, a capture 
and release immunosorbent assay (CRISA) is being developed to identify target 
biomarkers in complex solutions using a NP-NFM biosensor. A NFM capable of 
selectively capturing a target molecule out of solution is necessary to simplify a complex 
biological solution to one or a small handful of molecules for subsequent nanopore 
detection. As such, a high molecular weight poly(oxanorbornene) library was synthesized 
with tunable bioactivity and anti-fouling properties at the monomer level to control the 
chemical properties of the resulting electrospun NFMs. Biotinylated monomers were 
incorporated to interface with other biotinylated molecules (e.g., biotinylated antibodies 
(IgG)) through streptavidin bridges creating bioactive NFMs. Triethylene glycol 
monomers were synthesized to imbibe the NFM with anti-fouling properties to minimize 
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nonspecific protein adsorption onto the large NFM surface area. During a rapid (1 hour) 
enzyme linked immunosorbent assay (ELISA) under flow, the bioactive and anti-fouling 
NFMs performed better than their 2-dimensional micro-well counterparts validating our 
NFMs as efficient biomarker capture surfaces that are compatible with the CRISA 
strategy.  
After selectively capturing a biomarker out of a complex solution, the second 
advance towards a capture and release immunosorbent assay was to create a stimuli 
responsive crosslinker capable of releasing a reporter protein (avidin) into solution at a 
concentration proportional to the concentration of the captured biomarker for subsequent 
nanopore detection. The advantage of this strategy over traditional reporters such as 
colorimetric HRP assays or fluorescence-based detection is the ability to detect a large 
dynamic range of concentrations (potentially 5 orders of magnitude) without dilutions 
and have detection limits between the fM colorimetric assays and nM fluorescent assays. 
Several crosslinkers were synthesized and studied to couple avidin through a PEG spacer 
to a target specific antibody using a stimuli responsive (thiol-thioester exchange or UV 
light) element to separate the two proteins on-demand.  Ultimately, the UV activated 
crosslinker had superior synthetic yields and release properties. With the NFM capture 
surface and the stimuli responsive release crosslinker optimized, future work will 
combine these systems with solid state nanopore detection of avidin to create a new class 
of immunosorbent assays using single molecule reporters.  
In summary, this work has embodied the philosophy that electrospun materials 
have the potential to solve a wide variety of problems by simply tuning the mesh 
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morphology and physicochemical composition of the NFMs towards the design 
requirements for a specific problem. Future advances in this field will require innovative 
application of this philosophy towards important global health problems in water and air 
purification, tissue regeneration and wound healing applications, and disease diagnosis 
and treatment. 
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